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ABSTRACT: During the last three decades, a series of key technological improvements
turned atomic force microscopy (AFM) into a nanoscopic laboratory to directly observe and
chemically characterize molecular and cell biological systems under physiological conditions.
Here, we review key technological improvements that have established AFM as an analytical
tool to observe and quantify native biological systems from the micro- to the nanoscale.
Native biological systems include living tissues, cells, and cellular components such as single
or complexed proteins, nucleic acids, lipids, or sugars. We showcase the procedures to
customize nanoscopic chemical laboratories by functionalizing AFM tips and outline the
advantages and limitations in applying different AFM modes to chemically image, sense, and
manipulate biosystems at (sub)nanometer spatial and millisecond temporal resolution. We
further discuss theoretical approaches to extract the kinetic and thermodynamic parameters
of specific biomolecular interactions detected by AFM for single bonds and extend the
discussion to multiple bonds. Finally, we highlight the potential of combining AFM with
optical microscopy and spectroscopy to address the full complexity of biological systems and to tackle fundamental challenges in life
sciences.
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1. INTRODUCTION

Plasmamembranes, which permanently adapt their composition
(lipids, proteins, sugars, etc.) and rearrange from the nano- to
the micrometer scale by modulating the spatial distribution of
molecules and domains, are a striking example of the functional
complexity of living cells. The processes they execute are highly
dynamic and play crucial roles in cellular functions, including
signaling, adhesion, migration, sorting, molecular trafficking and
transport (ions, water, molecules, peptides), or active cellular
intake and secretion. Furthermore, as the plasma membrane
provides a physical barrier separating the interior of the cell from
the surrounding environment, it is also the first target of
extracellular physical, chemical, and biological cues, including
heat, chemical and mechanical stress, toxins, hormones, viruses,
extracellular matrix proteins, and other cells. Characterizing the
biophysical properties of complex biological systems remains a
challenging task due to their heterogeneous and highly dynamic
properties, as exemplified in many biological processes,
including the assembly of functional domains in cellular
membranes, actomyosin assembly and contraction, signal
transduction, cell adhesion and migration, or adaptation of the
cell shape to cell state and function. Moreover, such analysis
requires fine-tuning the environmental conditions, because
biological systems are sensitive to pH, electrolytes, temperature,
humidity, pressure, and oxygen. Addressing this characterization
challenge demands quantification of the biophysical properties
of molecular and cellular systems at the nanoscale, along with
simultaneous mapping of their structural properties.
Attempts to probe the biomolecular interactions and

properties of complex biosystems have long been hampered
by the lack of suitable techniques. Although optical tweezers,1−4

magnetic tweezers,5,6 micropipette manipulation,7 surface force
apparatus (SFA),8−10 or flow-induced stretching11 are very
sensitive techniques to measure force, those techniques lack the
ability to simultaneously quantify and structurally map these
interactions over wide force ranges. Inventedmore than 30 years
ago,12 atomic force microscopy (AFM) combines high-
resolution imaging from the micrometer to the (sub)nanometer
range with the capability to apply and measure a wide range of
forces from pico- to nanoNewtons; this ability is necessary to
characterize the broad spectrum of biomolecular interactions
occurring in living systems. In this review, we will focus on the
exciting potential of multiparametric AFM-based approaches for
shining light on the dynamic interplay between the structural,
functional, and biophysical properties of biological systems. We
further discuss possibilities and limitations of theoretical
approaches to extract multiple parameters from AFM-based
force spectroscopy and multiparametric imaging. We also
showcase how AFM-based chemical imaging can be used to
manipulate biological systems and be combined with optical
microscopy to address their increasing complexity. Finally, we
identify the challenges lying ahead and the need to integrate
correlative nano- and microscopy techniques to address the
chemical complexity of living biological systems at even higher
spatial and temporal resolution, as well as chemical sensitivity.

2. MILESTONES TOWARD ESTABLISHING AFM AS A
CHEMICAL IMAGING TOOLBOX

2.1. Invention of AFM and Application as a Nanotoolbox

Since its invention in 1986,12 the technique and applications of
AFM have quickly evolved, developed, and diversified.
Originally invented to image solid surfaces at atomic
resolution,12 a basic AFM setup consists of a sharp tip attached
to the free end of a microcantilever probe, a cantilever deflection
sensor, a piezoelectric sub(nano)positioner, and an electrical
feedback mechanism between the deflection sensor and the
nanopositioner (Figure 1).13 Briefly, the working principle of

AFM is based on monitoring the forces acting between the AFM
tip and the sample surface. Tomonitor the forces acting between
the AFM tip and the sample, a laser is focused on the end of the
cantilever, from which it reflects to a quadrant, position-
sensitive, photodiode, which is used to follow normal and
torsional cantilever deflection simultaneously. The cantilever
deflection is directly proportional to the force. Originally
established to operate in vacuum, the AFM also functions in
ambient atmosphere and in liquid14 at ambient temperature
rendering it particularly suitable to characterize molecular and
cellular biological systems in their functional state.
Since the very early years of AFM development, the cantilever

was also used as a force sensor to measure interactions at
surfaces and interfaces, including double-layer forces,15,16

surface-induced solvent ordering,17 and chemical forces, such
as hydrophobic/hydrophilic interactions and hydrogen bonds.18

The applications were based on the acquisition of force−
distance (FD) curves, in which the force experienced by a
nanoscopic tip mounted at the free end of the AFM cantilever is
monitored as a function of the distance between the tip and the
sample surface. Such AFM-based applications opened the door
to so-called force spectroscopy.
Pioneering measurements of adhesion forces opened the road

to map the chemical properties of biological systems with
chemically modified AFM tips. Already in the early 1990s, it was

Figure 1. General principle of atomic force microcopy. AFM operates
by scanning a very sharp tip across the sample surface, while the force of
interaction between the tip and the sample is monitored with
piconewton sensitivity. The sample is mounted on a piezoelectric
scanner that ensures three-dimensional positioning with high
resolution, and the force between tip and surface is monitored by
measuring the cantilever deflection using an optical method (laser,
photodiode).
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demonstrated that forces sensed by functionalized cantilevers
can be exploited to simultaneously map the sample topography
and to quantitatively extract physicochemical properties of every
topographic pixel by recording force−distance curves. Repre-
sentative examples in material science include mapping the
differential adhesion of pristine and lubricant-coated surfaces,19

force mapping of phase-separated Langmuir−Blodgett mono-
layers,20 the topographic mapping of elastic, electrostatic, and
adhesive properties of polymers,21 and the investigation of
electrical double-layer interactions on patterned surfaces.22 In
early studies, force mapping was limited by long image
acquisition times (see next section for technical developments).
Developed as an alternative for chemical mapping, friction-force
mapping keeps the cantilever in contact with the sample at
constant force, while detecting its torsional movement, largely
influenced by the chemical identity of the sample.18,23 This
mode provided an alternative setup for mapping chemical
variations of the surfaces. In one of the early examples of this
chemical mapping strategy, AFM tips functionalized with self-
assembled alkanethiol monolayers terminated with hydrophobic
or hydrophilic groups were used to uncover hydrophilic and
hydrophobic domains on topographically smooth surfaces.23

Similar concepts and approaches were transferred to
characterize biomolecular interactions by AFM. Thereby the
exceptional signal-to-noise ratio, high spatial resolution, and
compatibility with liquid environments of AFM provided
unprecedented opportunities. Operating the AFM in the
single-molecule force spectroscopy (SMFS) mode with
biomolecule-functionalized tips provided invaluable insights
into how molecular recognition contributes to the regulation of

biological systems. In this respect, the avidin−biotin interaction
with its exceptionally high binding affinity was extensively used
for proof-of-concept,24,25 setting the basis for the theoretical and
technological development of SMFS. Several experimental
setups were designed. Pioneering reports include for example
the study of rupture forces between a biotinylated glass
microsphere mounted at the AFM tip and surface immobilized
streptavidin24 and of the interactions between avidin-function-
alized AFM tips and biotinylated agarose beads,25 in which the
multiplicity of binding was modulated by blocking biotin with
avidin. These approaches were then applied to the investigation
of antibody−antigen interactions, which required researchers to
overcome difficulties that were different form those encountered
with the biotin−avidin system due to the lower binding strength
(i.e., rupture force), increased heterogeneity, and lower binding
affinity. These challenges gave a decisive push toward the
development of improved AFM cantilevers, tips, and sample
functionalization strategies to fully explore the potential of
SMFS. At the beginning of such applications of SMFS, it was
difficult to discern nonspecific from specific interactions
between the AFM tip and biological samples. Such nonspecific
interactions mostly originate from the direct contact between
AFM tip and sample, commonly at no tip−sample separation
distance. A promising solution to discern specific from
nonspecific interactions was developed by functionalizing
AFM tips with hydrophilic, flexible linkers of longer length
and lower packing density and to tether ligands or receptors to
the free ends of the linkers. Upon separating the tip from the
sample, the nonspecific interactions may have remained;
however, the specific interactions were now detected in a region

Figure 2. Overview of AFM as a (bio)chemical laboratory on the tip. Highlights of the current capabilities of AFM to study the morphological and
biophysical properties of molecular and cellular biosystems. (Bio)chemical functionalization turns the AFM tip into a nanoscopic chemical toolbox.
Chemical force microscopy (CFM) uses functional groups at the tip apex to probe hydrophilic (−OH group), hydrophobic (−CH3 group), or
electrostatic (−COO−/−NH3

+) interactions. Single-molecule force spectroscopy (SMFS) uses the tip derivatized with antibodies, proteins, peptides,
drugs, viruses (single-virus force spectroscopy; SVFS), and living cells (single-cell force spectroscopy; SCFS). AFM tips with microfluidic channels
were introduced to manipulate individual cells and particles, as well as to inject or aspirate solutions. The precise adjustment of the environmental
conditions (including air, liquid, humidity, and temperature) allows characterizing biological systems in the native state. Finally, the combination with
complementary techniques allows us to better describe the complexity of living biological systems. These include optical microscopy (fluorescence
microscopy, confocal microscopy, super-resolution nanoscopy, and scanning near-field optical microscopy (SNOM)), spectroscopy (infrared
spectroscopy, tip-enhanced Raman spectroscopy (TERS), secondary ion mass spectroscopy (SIMS)), and micropipette (patch clamp, microinjection,
and scanning-ion conductance microscopy (SICM)) techniques.
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of the FD separated from the nonspecific interactions by the
length of the stretched linker. This procedure for functionalizing
AFM tips became the gold standard for studying ligand−
receptor interactions using SMFS and other advanced AFM
applications.26,27 Besides addressing the problem of steric
effects, flexible linkers also impart greater orientational sampling
to the biomolecule tethered to the AFM tip and hence increased
binding probability. Furthermore, the characteristic nonlinear
stretching of the linker before rupturing the ligand−receptor
bond allows us to identify and analyze specific bond rupture
events by classical polymer extension models such as the worm-
like chain (WLC) model.28 Other pioneering SMFS studies
focused on surface opsonization,29 cell adhesion by proteogly-
cans,30 and DNA binding.31 Moreover, the development of

mechanical investigations of protein structure through protein
stretching and unfolding began.32,33

Besides using the AFM as a nanoscopic imaging tool or a
nanoscopic force spectroscopy tool, both AFM modes can be
combined to image a biological system at work and to
simultaneously detect, quantify, and topographically map
nonspecific or specific biomolecular interactions (Figure 2). In
one of the first studies in this field, the acquisition of force curves
while scanning lysozyme-functionalized surfaces enabled the
acquisition of topography, adhesion force, and retraction
velocity (related to viscosity) by postprocessing.34 By
functionalizing the tip with a specific binding partner for the
biomolecule immobilized on a support, the approach was further
advanced by “affinity imaging”,35 which demonstrated the
possibility of identifying and localizing specific biological

Figure 3. AFM-based characterization of topography and (bio)chemical properties of biological systems. (a) Principle of AFM contouring (dashed
line) biointerfaces (here a mammalian adherent cell). The stylus of the cantilever is raster scanned across the sample to record topographic
information. In the dynamic mode, AFM oscillates the cantilever close to or at its resonance frequency, while maintaining a constant oscillation
amplitude, and the stylus only touches the sample surface intermittently. In the contact mode, AFM keeps the cantilever deflection constant (constant
force) by adjusting the distance between stylus and sample. (b) Examples of force-time (FT) and force−distance (FD) curves. The AFM tip, initially
away from the surface (#1), is brought into contact (approach curve in blue) with the surface (#2) to which it is pressed until reaching a certain force
threshold (#3). Upon retraction (retraction curve in red) (#4), adhesive forces (Fadh) are observed (#5) at a separation distance depending on the
presence of a polymeric linker tethering amolecular probe of interest (orange circle) to the AFM tip. (c) Protocols to functionalize the AFM stylus with
chemical groups, ligands, or receptors through chemisorption or linker strategies are reviewed in the text and linked to the shape of FD curves expected.
The first line presents a schematic of the principle of chemisorption (i.e., adsorption/physisorption of chemical groups or ligands directly to the tip) vs
linker tethering (i.e., covalent attachment of the ligand through a linker). The second line highlights how the linker spacer will influence the position of
the adhesive peak assessing the specificity of the interaction when using a linker. The third line provides details on the chemistry available to
functionalize tip with chemical group, physisorbed ligand, or tethered ligands using PEG linker. (d) Force-volume (FV)-AFM and FD-based AFM can
be used to contour the sample topography while measuring mechanical (here Young’s modulus) and adhesive properties. For each pixel of the
topography, the tip is approached and retracted using a linear (FV-AFM) or oscillating movement (FD-based AFM). Panel (d) has been adapted with
permission from ref 59. Copyright 2018 Royal Society of Chemistry.
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interactions while simultaneously acquiring the topography and
mechanical properties of a sample.
The pioneering application of affinity imaging to red blood

cells36 opened avenues to development of AFM-based chemical
and mechanical mapping applications on live cells. Exploiting
the high specificity of a lectin for glycolipids of the membrane of
group A red blood cells, correlating topography and affinity-
based maps became possible, and discriminating between mixed
populations of red blood cells having different groups became
straightforward.36 Force mapping was soon applied to a variety
of bacterial37,38 and mammalian cells.39,40 In parallel, dynamic
recognition modes started to be developed and applied to
biological samples, the most prominent example being top-
ography and recognition imaging (TREC) in which topography
and molecular recognition signals are extrapolated from
different regions of a magnetically driven cantilever oscillation
cycle.41−44 High-speed FD curves were measured using
torsional harmonic cantilevers, enabling the exploration of
single-molecule processes on the microsecond time scale, as
exemplified by the well-studied biotin−streptavidin complex.45

Force spectroscopy and affinity mapping modes have been
applied straightforwardly to study live prokaryotic cells thanks to
their relatively high membrane stiffness and easy-to-implement
native environments. However, live mammalian cells notori-
ously required much more controlled environments to maintain
their homeostasis over timeframes required for AFM scanning,
which strongly limited AFM-based live mammalian cell studies
in the early years. Although protocols such as gentle cell fixation
have been used to partially circumvent the issue,41 such
experimental conditions are not fully representative of
physiologically relevant scenarios, which restricts their biological
significance. The development of environmental chambers to
keep cells alive in physiological conditions for several days was a
key-breakthrough toward AFM studies of live mammalian
cells.46 In parallel, the past decade has witnessed a series of
instrumental developments in multiparametric AFM imaging,
which has significantly reduced data acquisition times while
allowing the multiparametric quantification of adhesion forces
and manifold mechanical properties.47 These advancements,
together with the growing tendency to couple AFM setups to
optical microscopy, such as fluorescence, confocal or super-
resolution microscopy, currently enable biological questions to
be approached with an increased level of detail and to further
boost the realm of AFM-related biological applications.
In addition to acting as a probe of mechanical properties, the

functionalized tip of the AFM cantilever offers the enticing
possibility of applying mechanical forces to individual chemical
bonds or enzymes, thus serving as an in situ actuator that is able
to trigger (bio)chemical reactions, induce structural changes of
cells and molecules, or control biological processes at the
nanoscale.48,49

2.2. AFM-Based Characterization of (Bio)chemical
Properties

Today, AFM stands out among other scanning probe techniques
as a uniquely suited and versatile tool due to its simple working
principle and broad applicability:50,51 it relies on the use of a tiny
tip mounted on a soft cantilever to detect localized interaction
forces with piconewton sensitivity and Ångstrom precision (for
further details on AFM working principles, please refer to refs
51−58). Initially developed as an imaging tool, meant to
overcome inherent limitations of optical, electron, and scanning
tunneling microscopy, AFM rapidly opened new horizons by

providing a variety of possibilities to physically or (bio)-
chemically modify the tip and to manipulate individual
biomolecules and chemical bonds.
As mentioned above, the working principle of AFM is based

onmonitoring the forces between the tip and the sample surface.
Typically, these forces are measured via the vertical deflection of
the cantilever (see ref 12, 54, and 55 for detailed information). In
the imaging mode, AFM raster scans the tip across the sample
surface and contours its topography, yielding the three-
dimensional (3D) sample surface (Figure 3a). In the force
spectroscopy mode, the tip is approached toward and retracted
from the sample in a controlled manner. Cantilever deflection
versus cantilever displacement are then converted into force
versus distance (FD) or versus time (FT) curves (Figure 3b). An
adhesion force between the tip and surface results in a
downward deflection upon cantilever retraction, and with
increasing deflection the adhesive bonds are increasingly tensed
until they break. Hence, the AFM tip can probe nonspecific and
specific biomolecular interactions, including those between
biological macromolecules (proteins, lipids, nucleic acids,
sugars) or receptors and ligands. At the single molecule-level,
such interactions can be perceived as the sum of multiple
noncovalent interactions acting in a concerted manner (e.g.,
hydrogen bonds, van derWaals forces, hydrophobic effects, π−π
stacking, etc.), and their stability and lifetime can be determined.
The strength of the single-molecule approach is that the FD or/
and FT curves track individual dissociation events, intermedi-
ates, kinetics, and pathways, and can thus probe the
heterogeneity of coexisting biomolecular populations. Such
detailed insights are commonly difficult or impossible to
characterize using biochemical bulk assays.

2.3. Single-Molecule Force Spectroscopy

AFM-based single-molecule force spectroscopy (SMFS) stands
out among the fast growing single-molecule techniques as an
ideal method formeasuring intra- and intermolecular forces with
high spatial resolution and force sensitivity ranging from ∼1 pN
to 100 nN.60,61 Nowadays, SMFS allows researchers to tackle a
wide range of biological systems, characterizing the chemical
and mechanical interactions contributing to cell adhesion,
sorting and mechanics, membrane assembly, protein (un)-
folding pathways, enzyme kinetics, ligand−receptor (un)-
binding, and DNA mechanics.53 In its earliest development,
SMFS was setup to probe individual ligand−receptor pairs,
including the widely studied avidin−biotin bond,24,25 comple-
mentary strands of DNA,31 and antibody−antigen26 bonds,
which were all grafted at low densities to the AFM tip and sample
surface (Figure 3c). These pioneering experiments established
the framework for subsequent SMFS studies by defining the
prerequisites for measuring specific binding forces between
single ligand−receptor pairs. These prerequisites include the
need to (i) reduce nonspecific interactions between the tip and
sample and (ii) use molecular linkers to tether the binding
partners in order to provide them with sufficient flexibility for
their interaction to be unperturbed by the linker and
simultaneously reveal the “fingerprint” of a force that is specific
(Figure 3c).62−66

2.4. Force-Volume-AFM

AFM tips usually have small radii of curvature (typically in the
range 1−100 nm) that can be positioned with nanometer
accuracy above the biosystem of interest to record biomolecular
interactions of a particular structural or morphological region.
Thereto, SMFS and AFM imaging can be combined to record
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FD curves for every pixel of the resulting sample topography.
This combination of both AFM modes, which provides
topographical interaction maps of the biological sample, is also
known as affinity imaging AFM67 or force-volume (FV)-AFM
(Figure 3d). In FV-AFM, the tip−sample displacement is
modulated by a triangular waveform. A topographic image is
combined with the acquisition of FD curves at each pixel of the
image. The resulting 3D interaction maps contrast the
occurrence and magnitude (or time) of (non)specific
interaction forces. As a proof-of-concept, the approach has
been introduced by imaging a streptavidin pattern with a
biotinylated tip and correlating topography and adhesion maps
characterizing the rupture of single streptavidin−biotin bonds.67
Similar experiments have used AFM tips functionalized with
antibodies to map the distribution of a substrate covered with
purified intracellular adhesion molecules (ICAM-1).68 The
ability to map the distribution of specific ligands at high-
resolution has rapidly made FV-AFM a tool of choice for
investigating surface receptors of living cells.69,70

2.5. FD Curve-Based AFM

Despite its strengths, FV-AFM has drawbacks, including the
relatively high forces applied during topographic imaging, long
acquisition times (∼15−90 min), and poor lateral resolution
(>20−30 nm). Moreover, artifacts can be introduced when
using high velocities due to discontinuities at the turning point
between the approach and the retraction segments. These
limitations triggered further developments and the introduction
of sinusoidal waveforms as an alternative to the triangular
waveforms characteristic of FV-AFM. With the implementation
of FD curve-based AFM (FD-AFM), progress in terms of force
control and data acquisition speed has allowed unprecedented
progress in structurallymapping (bio)chemical interactions with
molecular resolution.25,31,32,67,70−75 FD-AFM is an off-reso-
nance mode, which oscillates the cantilever in a sinusoidal
manner well below its resonance frequency, while the sample
surface is contoured. For every pixel of the resulting sample
topography, at least one approach-retraction cycle of the
oscillating cantilever is recorded, from which multiple
parameters can be extracted including sample height, Young’s
modulus, deformation, repulsion, and adhesion (Figure 3d).
Because of its relative ease of use, FD-AFM quickly allowed the
in situ characterization of chemical properties of complex living
biological systems.59,76−92 FV-AFM and FD-AFM are also
extensively used to map mechanical properties of biological
samples;47,54,93 however, a full coverage of recent works covering
nanomechanical measurements is beyond the scope of this
review.

3. PRINCIPLES AND LIMITATIONS OF
(BIO-)CHEMICAL AFM IMAGING

3.1. Physiologically Relevant Conditions and Sample
Preparation

While AFM can operate in a wide range of conditions ranging
from vacuum to liquid, key parameters should be carefully
controlled to ensure the integrity of biological systems. When
working on purified samples, such as isolated soluble proteins,
nucleic acids, or enzymes, AFMmeasurements should be carried
out in physiological solutions (pH, electrolyte) and temperature,
while the immobilization strategy of the biological sample
should not interfere with its functional state.94,95Whereas water-
soluble proteins may be adsorbed or tethered directly to a
support, membrane proteins must be either reconstituted into

lipid membranes (lipid bilayers, liposomes or nanodiscs) or
extracted in native cell membrane patches to provide
physiologically relevant conditions that enable observing them
at work.96,97 Because detergent-extraction approaches destroy
naturally associated lipid bilayers of membrane proteins,
alternative detergent-free approaches, based on nanoparticles98

or membrane scaffolding proteins,99 have been introduced to
maintain their functional state during AFM measurements.100

To characterize mammalian cells in the native state by AFM
requires caution, because their homeostasis is governed by a
fine-tuning of physical and chemical conditions maintained
usually by the living system including many variables, such as
pH, salts concentration, sugar, or oxygen. Therefore, evapo-
ration of the buffer solution during AFM experiments should be
avoided as it affects the osmolarity and pH of themedium, which
can reduce cell viability. HEPES or carbonate buffers are widely
used to maintain physiological pH despite changes in CO2
concentration. However, phototoxic effects of some buffers
should be accounted for. For example, HEPES buffer greatly
increases the sensitivity of the cell culture media to phototoxic
effects induced by light exposure,101,102 and mammalian cells
start degrading and apoptosis after being exposed for a few hours
to fluorescent light. This detrimental effect on the cell viability
can be circumvented using an environmental AFM chamber that
controls temperature (37 °C), CO2 concentration (5% CO2 in
air), and relative humidity (>95%) to maintain cells in
incubator-like conditions for extended periods of time.77 It is
also important to carefully choose the correct immobilization
procedure for cells to avoid, alternatively, their detachment from
the support and their functional impairment. Several methods
have been established to guide the attachment of cells to AFM
supports, including adjustment of electrostatic interactions,103

coating the support by lectins or extracellular matrix proteins,104

mechanical trapping,105 or biotinylation of cell surface
proteins.106 When choosing an immobilization strategy, the
user should keep in mind that this might affect the native state,
structure, or functionality of the cell. For example, concanavalin
A is known to elicit changes in the functional state of
mononuclear phagocytes and lymphocytes,107,108 and the
mechanical trapping of living cells can affect their mechanical
properties.109 Immobilization may be also facilitated by
underpressure (suction), by, for example, using cantilevers
with integrated microchannels,110,111 although cells can change
state and adjust properties in response to pressure changes.112

3.2. Selection of AFM Cantilever and Tip

The choice of the AFM cantilever and tip is fundamental to
detection of biomolecular interactions with single-molecule
sensitivity. This choice is intrinsically linked to the character-
istics of the investigated system, so an a priori evaluation of the
type and range of the interaction forces, the desired lateral
resolution, the size of the topographical features and kinetics
should be carried out. Probing typical potential energy gradients
of intermolecular interactions (10−12−10−7 N)113 requires using
relatively soft AFM cantilevers with spring constants in the range
of 0.01−1 N m−1. For single-molecule studies, the time scale of
conformational rearrangements or association−dissociation
events will determine the resonance frequency f R and quality
factor Q of the cantilever to be chosen. For example, to study
highly dynamic macromolecular complexes in the subμs range
(i.e., protein conformational changes) requires the use of
overdamped (Q < 0.5) fast cantilevers ( f R > 100 kHz). At such
time ranges, underdamped cantilevers (Q > 0.5) oscillate, which
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potentially introduces subtle conformational changes and affects
the dynamics of the observed macromolecular complex.91

Conversely, if the goal of the experiment is to measure the
mechanical properties of the sample, the spring constant of the
cantilever should be similar to the stiffness of the sample. The
AFM tip radius should be chosen depending on the application.
For example, a sharp tip, having a radius of 2−10 nm, which
reduces the probability that more than one molecule attaches to
the functionalized AFM tip apex, may be chosen to measure the
interactions of single molecules. In addition, sharp tips are
required to collect AFM topographs at high resolution.
However, pushing a sharp tip to a cell surface easily penetrates
the cell. Thus, tip radii approaching several tens to hundreds of
nanometers114,115 (tip to beads) may be applied to characterize
the properties of larger surface areas such as of tissues or organs,
albeit at a much lower resolution.

3.3. AFM Modes to Topographically Map Biomolecular
Interactions

In AFM force-spectroscopy, the stylus is sequentially
approached and retracted from the surface while monitoring
the variation of the cantilever deflection (hence, the force) with
respect to the tip−sample distance. Each approach-retract cycle
generates force curves with piconewton sensitivity that can be
plotted as a function of distance (FD curves) or of time (FT
curves). Several regions can be distinguished in an FD curve,
which can be associated with a variety of sample properties. (i)
At the beginning of the approach cycle, the tip−sample distance
is high enough for the cantilever deflection to be in an
equilibrium, not interacting position. (ii) With the decrease of
the tip−sample distance, various long- and short-range
interactions start to be experienced by the tip. These interactions
include electrostatic, double-layer and van der Waals forces, as
well as surface-induced solvent ordering at short ranges, and
their entity is largely dependent on the experimental conditions,
notably the solvent (e.g., air or liquid, electrolyte concentration,
solvent molecular size). This part of the curve also contains
mechanical information, such as indentation, which becomes
relevant in the case of soft samples. (iii) As the tip−sample
distance is reduced further, the gradient of interaction force
exceeds the cantilever force constant, causing the tip to jump
into contact with the surface. (iv) The positive deflection of the
cantilever in contact with the surface provides information on
the sample elastic properties. (v) Upon retracting the tip, a
negative deflection of the cantilever is observed if adhesive forces
between the tip and the sample are established, until the
restoring force of the cantilever prevails and the contact
ruptures. Many applications focus on this region of the force−
distance curves. By functionalizing AFM cantilevers with ligands
or cells, adhesion forces are used to study chemical or biological
bonds (single-molecule force-spectroscopy, SMFS), protein
unfolding, and cell adhesion (single-cell force spectroscopy,
SCFS). (vi) The cantilever comes back to its not interacting,
equilibrium position.
In less common applications, the AFM tip is used as a force

sensor in height clamp and force clamp modes. In height clamp
mode, the tip is brought in contact with the sample and kept at a
constant height, while monitoring the cantilever deflection and
hence the force, which reflects the mechanical response of the
sample. In force clampmode, the tip is brought into contact with
the sample, and the force is kept constant to monitor height
changes. Among other applications, these modes have been used
to monitor enzyme activity,116 to quantify the lifetime of

bonds,117 and to monitor biological responses on living cells in
situ.118

A natural extension of force spectroscopy and the first
important step toward the combination of AFM force
spectroscopy and topography came with the development of
force-volume mode (FV-AFM), in which the approach-retract
movement of the cantilever in the z-direction is coupled to the
x−y scanning.119,120 The resulting cantilever rectangular
movement leads the simultaneous acquisition of force curves
for each pixel of the scanned area and reconstruction of the
topography of the sample. With the possibility of varying
independently several experimental parameters, such as the tip
approach and retraction velocities and the tip−sample contact
time, this mode allows the acquisition of quantitative
information of the sample topography on a pixel-by-pixel
basis. Practically, however, the relatively high lateral forces
applied during topographic imaging, long acquisition times
(∼15−90 min), and poor lateral resolution (>20−30 nm) pose
some limitations to the applicability of this AFM mode for high
resolution imaging.

3.4. Setting up AFM to Measure (Bio)chemical Parameters

Several commercially available FD-AFM modes were intro-
duced over the past decade and differ in the way the cantilever or
the sample are moved to record FD curves and reconstruct
topographs (for a review please see ref 52). As mentioned above,
the FD-AFMmodes increase the sampling rate (i.e., the number
of FD curves recorded per second) to∼0.1−10 kHz by vertically
moving the AFM tip at speeds of up to 10−1000 μms−1 or even
faster in high-speed force spectroscopy.45,121−123 While higher
tip speeds enable faster data acquisition, they show drawbacks
since they mostly probe biomolecular interactions in (far) out-
of-equilibrium regimes. For example, too short tip−sample
contact times can limit the formation of bonds (or interactions)
having low association rates, whereas higher retraction speeds
may prohibit intermediate states that would require conforma-
tional rearrangements to dissociate the bond.124 Besides FD-
AFM, other AFM modes can contribute complementary insight
toward characterizing the complexity of biomolecular inter-
actions. In AFM-based force-clamp spectroscopy, an active
feedback maintains the force between, for example, a ligand−
receptor pair at a constant value to measure the dissociation and
association events of the bond.125,126 Force-clamp AFM has also
been widely applied to study the mechanical un- and refolding of
proteins,126−129 chemical reactions including formation,130

cleavage of disulfide bonds,131 mechanical strength of catch
bonds,132 the rupture of lipid bilayers,133 and formation of
membrane tethers.134

3.5. Sensing Nonspecific Interactions

Nonspecific interactions are universal interactions for all
potential targets and are usually characterized by low activity.135

Despite their ubiquity in biology and chemistry, nonspecific
interactions are generally overlooked, and a fundamental
understanding and characterization of nonspecific interactions
is lacking. Molecular chaperones have evolved to resist
nonspecific interactions guiding proteins from a misfolded or
unfolded conformation. Other examples include the electro-
static field and potential generated by transmembrane pores, and
the adhesion of micro-organisms. For example, hydrophobic
interactions play key roles in guiding protein folding, micelle
formation, or cell adhesion. Historically, hydrophobic forces
have been investigated with the SFA, but AFM has opened the
possibility to characterize these forces at high spatial resolution
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(∼10 nm) and to unravel the hydrophobic properties of a variety
of surfaces including colloids, oligopeptides, and living cells. To
probe short-range hydrophobic forces at high spatial resolution,
and to exclude other longer-range interactions such as
electrostatic interactions, which may contribute, AFM tips
carrying chemisorbed methyl-terminated monolayers of alka-
nethiols or ethoxysilanes can be used.62,63,136 In a recent work,
multifrequency atomic force microscopy (MF-AFM) was used
to topographically map the hydrophobic and hydrophilic
regions and the mechanical properties of the membrane protein
aquaporin-0 (AQP0).137 Imaging using the fundamental
eigenmode of the AFM cantilever highlighted a structural
region that surrounds AQP0 tetramers and exposes a higher
affinity for water, while the response of the second eigenmode,
which is dominated by the mechanical response of the protein,
provided submolecular details of the AQP0 surface and
subsurface.137

Electrostatic charges can be probed using bare138 or
functionalized tips.139 By fine-tuning of the pH and salt
concentration, negatively charged silicon tips were used to
detect chemical and physical properties of the native purple
membrane from Halobacterium salinarium140,141 and the native
pore forming outer membrane protein F (OmpF) at sub-
nanometer resolution.142 Such studies show that electrostatic
interactions can be detected by AFM as apparent height
differences or deformations of membrane proteins. Insulated
conducting cantilevered nanotips together with a two-chamber
recording system can be used to sense ions on biological
membranes at high resolution138 (<20 nm). This feature is of
particular interest to detect ion currents (in the pA range) and
topography at single-channel resolution.143 In another study, a
solid-state nanopore integrated in an AFM tip was used to sense
molecule secretion and ion channel activity inside and outside of
a cell in real time.144

3.6. Sensing Specific Biological Interactions

To study specific biomolecular interactions, the AFM tip needs
to be functionalized. Such chemical functionalization with a
molecule of interest opens avenues to detect specific forces
acting between single receptor−ligand pairs, biomolecules, or
synthetic polymers. The unique ability of AFM to apply
directional forces offers exciting possibilities to mechanically
stress specific biological bonds along certain reaction
coordinates until the bond ruptures. The application of
mechanical stress reduces the time scale at which a bond can
dissociate and associate along a given reaction coordinate.145

Thus, probing the dissociation and association rates provides an
approach to measuring the kinetic and energetic properties of
the bond (see below for details). A critical step in such an
experiment is being able to distinguish specific interaction forces
from nonspecific ones.
A vast toolbox of chemical functionalization procedures is

now available and allows researchers to isolate specific forces
while minimizing nonspecific interactions in SMFS. Hereafter,
the major AFM tips functionalization procedures are discussed
(Figure 3c). For a specialized discussion on coupling strategies
and recent developments, the reader is referred to previous
works.146,147 The simplest functionalization strategy involves
the chemical attachment of a molecule of interest to the AFM tip
using short rigid linkers and blocking the rest of the tip surface
from unspecific interactions with spacer molecules. Depending
on the functional groups in the molecule and AFM tip material,
which usually is made from silicon oxide/nitride or gold, a

variety of alkanethiols or polymeric linkers are used.64 The
presence of only one or a few molecules at the tip apex is critical
to ensure that single molecules are probed. This can be ensured
by adjusting themolecule/spacer ratio to about 1:100 or 1:1000.
Evidence that the experiments are well-performed at the single-
molecule level is to test if further dilution of the ligand onto the
tip or/and the substrate only reduce the binding frequency
without altering the binding force. Possible drawbacks of using
short and rigid linkers include the difficulty in separating specific
from nonspecific interactions and the limited orientational
freedom of the molecule tethered to the AFM tip. In order to
increase the orientational freedom of the molecule, elegant
functionalization approaches have been developed in which the
molecule of interest is tethered to the AFM stylus via a flexible
polymeric linker (usually polyethylene glycol (PEG)).65 The
higher flexibility enhances the conformational freedom of the
tethered molecule and thus maximizes its binding probability.
Of equal importance, the length of the linker can be used to
discard nonspecific from specific interaction forces by separating
the pulling distance of a specific unbinding force from
nonspecific forces, which mainly occur in the contact region of
the tip and sample. Besides providing a signature for the
specificity of the interaction, flexible linkers can also provide
information about the number of bonds established in
parallel.66,148 While most of the tethering options result in a
random orientation of the molecule onto the AFM tip (through
covalent attachment via amino residues or biotin tag randomly
distributed), a controlled orientation can be achieved using
adequate functionalization strategies. Taking advantage of the
natural low abundance of surface-exposed cysteine residues,
thiol-maleimide chemistry, represents one commonly used and
easily implemented method to achieve site-specific and covalent
immobilization, without the need for non-natural amino acids
addition.147,149−152 Alternatively, a strategy inspired by metal
ion affinity chromatography, nitrilotriacetic acid, and a
tetradentate chelating of Ni2+ ions is used to immobilize
histidine (His)-tagged proteins.59,153,154 Although being
oriented, this approach has the disadvantage that it can only
probe interactions being weaker than the immobilizing His-tag.
To circumvent this limitation, novel strategies appeared using
for example (i) the transpeptidase sortase A from Staphylococcus
aureus to catalyze the formation of an amide bond between the
carboxyl group of the threonine in a LPXTG motif and the
amino group of the glycine in a pentaglycine motif,59,155 or (ii)
the copper(I)-catalyzed/dibenzocyclooctyne copper-free al-
kyne−azide cycloaddition “click” reaction.156−158 Both strat-
egies allow the tethering of molecules to the AFM tip with
controlled orientation, enabling a well-defined geometry during
binding and unbinding studies. The precise control over the
geometrical loading configuration can result in dramatic effects
on the observed mechanical response of protein domains and
receptor−ligand complexes.87,159,160 Depending on the bio-
logical system studied, it may be important to study the native
pulling geometry experienced by the protein in vivo. In addition
to further validating the specificity of the interactions, blocking
molecules (antibody, antagonist, free ligand) can be injected,
although these molecules are not always available.
For some applications, it may be helpful to include a

molecular fingerprint within the linker whose characteristic FD
pattern allows the unmistakable identification of the unbinding
or unfolding event. To this end, some protein domains are
inserted into the linker tethering the tip and ligand such as
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immunoglobulin-like (Ig) domains161 or domain 4 of the F-actin
cross-linker filamin fromDictyostelium discoideum (ddFLN4).162

3.7. Establishing Standardized AFM Procedures

To compare the specific and nonspecific forces detected by
chemical AFM, experimental and data analysis procedures must
be standardized. A standardized nanomechanical AFM
procedure (SNAP) was recently proposed to reliably determine
the Young’s moduli of soft samples.163 Themain sources of error
in AFM-based nanomechanical measurements are uncertainties
in determining the deflection sensitivity and spring constant of
the cantilever. To eliminate this uncertainty, the cantilever
spring constant is determined by a vibrometer and its deflection
sensitivity calculated from the thermal fluctuations of the free
cantilever. This reduces the variability in elastic moduli of
hydrogels down to 1% and increases the consistency of living
cells elasticity measurements by a factor of 2, thus rendering
highly reproducible elasticity measurements. An accurate
estimation of the spring constant is mandatory in force
spectroscopy, and calibration procedures for AFM cantilevers
have been extensively compared and reviewed in previous
works.164−167 For AFM-based molecular recognition studies,
bacteriorhodopsin (BR) from H. salinarium was used as
molecular template because its structure and function have
been extensively characterized,168 and it acts as a model system
for high-resolution AFM imaging and force spectroscopy.169 BR
natively assembles in trimers that assemble in highly ordered
two-dimensional lattices, called a purple membrane. Fusing a
His-tag to the terminal end of each BR renders a well-defined
two-dimensional lattice, which allows systematic mapping and
structural localization of binding sites at subnanometer precision

(Figure 4a−g). This possibility of engineering molecularly
defined standard samples for AFM-based high-affinity and
-resolution imaging was recently demonstrated by using tris-N-
nitrilotriacetic acid (tris-NTA) functionalized AFM tips to
localize tris-NTA-His5-tag bonds on BR trimers and to quantify
the thermodynamic and kinetic parameters of the Ni2+-mediated
bonds.78 Similarly, the spindle assembly abnormal protein 6
homologue (SAS-6), a protein involved in centriole duplication
that assembles into cartwheel-like structures can be used to
standardize molecular recognition measurements (Figure 4h−
k).170 SAS-6 C-terminal domains form ∼40 nm long parallel
two-stranded coiled coil rods that emanate radially from the
central ring formed by the N-terminal domains. At the distal end
of each coiled coil rod, the SAS-6 subunit exposes its C-terminus
to which six histidine residues were fused (C-terminal His6-tag).
The approach offers the advantage that in principle any tag can
be fused to the terminal end of BR, SAS-6, or another
structurally well-defined and assembled protein.170

4. CONTOURING THE BINDING FREE-ENERGY
LANDSCAPE OF (BIO)CHEMICAL BONDS

When a bond or molecular complex is pulled apart under various
mechanical loads, the bond is shifted from equilibrium to
nonequilibrium. The force applied to the molecule of interest
increases with time at a rate r termed the force-loading rate.
Plotting the forces required to rupture the bond over a wide
spectrum of force loading rates shows a crossover from near-
equilibrium to far-f rom-equilibrium dissociation, followed by
ascending regimes of strength.171 This presentation of the
rupture force on loading rate is named a dynamic force

Figure 4. Toward establishing standardized procedures for AFM-based chemical imaging. Biological samples with well-defined lattices can be used as
standards to characterize the ability of a tris-Ni2+-NTA-functionalized AFM tips to image and localize specific groups at high-resolution (down to the
sub-nanometer scale). Upper panel: High-resolution topography and chemical image of the cytoplasmic surface of purple membrane recorded using a
tris-Ni2+-NTA-functionalized AFM tip. (a) Naturally arranged into a hexagonal lattice (∼ 6.2 nm lattice constant), each bacteriorhodopsinmolecule of
the bacteriorhodopsin trimer has been genetically modified to carry five histidine residues (His5-tag). (b) The topograph shows the bacteriorhodopsin
molecules and trimers at sub-nanometer resolution, while (c) the adhesion map locates specific binding events of the tris-Ni2+-NTA-His5 interaction.
The vertical scale highlights forces ranging from 30 pN (dark gray) to 310 pN (white). (d) The average bacteriorhodopsin topograph and (e) affinity
map localize the tris-Ni2+-NTA-His5 interaction to the N-terminal end of bacteriorhodopsin (f, g). High-resolution of the SAS-6 cartwheel-like
structure with rod domains radially emanating from the central ring formed by theN-terminal domains. At the distal end of each rod, the SAS-6 subunit
exposes its C-terminus to which six histidine residues (His6-tag) were fused. (h, i) Topograph of SAS-6 cartwheel-like structures. The vertical scale
ranges from 0 nm (dark brown) to 6 nm (yellow). (j) Localization of specific binding events of the tris-Ni2+-NTA-His6 interaction by overlapping three
consecutive adhesion scans (blue, green, and red dots). (k) Superimposition of topography and adhesionmap locates the specific binding events to the
rod domains of the SAS-6 subunits at nanometer resolution. The gray scale corresponds to a vertical range of 6 nm. Lower panel: Panels (b−d) and (f−
k) are adapted with permissions from ref 78 and 170. Copyright 2017 and 2014 American Chemical Society.
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spectroscopy (DFS) plot and explores the free-energy landscape
of the dissociating and associating bond, which is usually
inaccessible in bulk assays. Here, we overview the prevalent
theoretical frameworks available to analyze the stochastic
process of bond dissociation and association and discuss the
limitations of some of the biophysical models used to extract the
kinetic and thermodynamic parameters of the bond from out-of-
equilibrium and close-to-equilibrium AFM-based single-mole-
cule force spectroscopy measurements.85,172−177

4.1. Probing the Kinetics of Single Bonds

From a biochemical perspective, ligand−receptor bonds have
limited lifetimes and dissociate under almost any level of force
when pulled on for a sufficient period of time. Noncovalent
bonds in a receptor−ligand complex are considered as “ideal
bonds” if their dissociation lifetimes grow strictly exponentially
with the applied force. An ideal bond is modeled as a bound state
confined by a single energy barrier located at a fixed distance xβ
from the bound state (Figure 5a). The transition between bound
and unbound states exhibits, for an ideal bond, first-order

Figure 5.Detecting and extracting kinetic and thermodynamic properties of specific biomolecular interactions. (a, b) Probing the interaction forces of
a (bio)molecular bond over a wide range of loading rates allows determination of the parameters describing the free-energy barrier stabilizing the bond.
These parameters include the free-energy differenceΔGbu between the bound state and the unbound state, the distance xβ separating the bound from
the transition state, and the transition rates kon and koff. To explore a wide spectrum of loading rates, the retraction speed is varied upon recording FD
curves. (c) Dynamic force spectroscopy plot of Wnt7b peptide-Reck receptor bonds, as representative example to show the dependence of the rupture
force on the loading rate. Each dot represents a single ligand−receptor bond rupture event. The Friddle−Noy−de Yoreo model (red line) is used to fit
the experimental data. (d) Several biophysical models are available to interpret DFS data. On the basis of various hypothesis discussed in the text, the
resultant theoretical force versus loading rate relationships are schematically drawn. (e) Using the equations summarized in the table, kinetic and
thermodynamic parameters are extracted depending on themodel. In the Bell-Evans model, F is themost probable rupture force at a loading rate r, kB is
Boltzmann’s constant, T is temperature, xβ indicates the location of the energy barrier, and koff is the off-rate constant at zero force. In the Dudko−
Hummer−Szabo model, τ(F) is the force-dependent lifetime of the bond, a is a scaling factor that specifies the nature of the free-energy profile,ΔG# is
the apparent free energy of activation at zero force and τ0 is the intrinsic lifetime of the bond. In the Friddle−Noy−De Yoreo model, Feq indicates the
force at which the dissociation and association are in equilibrium, and koff(Feq) is the off-rate constant at Feq. Panels a and c are adapted with permission
from ref 90. Copyright 2018 American Association for the Advancement of Science.
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kinetics in their association (kon) and dissociation (koff) rates.
The thermodynamic bond strength is usually described as the
free-energy differenceΔGbu between bound and unbound state.
The rates kon and koff decrease exponentially with the height of
the crossed entrance barrier (ΔGb) and exit barrier (ΔG#),
respectively, relative to the unbound state and the primary
minimum stabilizing the bond. The differenceΔG#−ΔGb in free
energy barriers equals the binding free energy ΔGbu, while their
ratio kon/koff refers to the dissociation constant at equilibrium.
From a classical mechanics perspective, the strength of an
isolated bond is related to the force required to separate the two
binding partners. For a macromolecule in solution, the
equivalent quantity is the free-energy gradient in the direction
of pulling. If one assumes that compared to the motion in this
direction all molecular motions and the cantilever response are
fast, then the molecular partners should separate “sponta-
neously” once the externally applied force exceeds the steepest
free-energy gradient. Hence, from such a purely mechanical
perspective, bond strength would appear to be independent of
the height of the free-energy barrier and from features of the
free-energy landscape other than the maximum gradient,
meaning that some hidden part of the free-energy landscape
would appear not to affect bond strength.
Practically, the application of an external force to a ligand−

receptor bond adds a mechanical potential that tilts the free-
energy landscape and lowers the free-energy barrier to
dissociation, thereby increasing the rate of unbinding. Pulling
on a bond with forces of a few times the thermal force ( fβ = kBT/
xβ), i.e., the force acting on the bond originating from the
thermal fluctuations, will cause a bond to dissociate orders of
magnitude faster than it would spontaneously. However,
breaking the bond within a very short time (∼ns) can require
the application of, say, 40−50 times the thermal force. The
different models presented below enable one to extract the
kinetic and thermodynamic parameters of the bond from such
out-of-equilibriummeasurements. To this end, the bond strength
is explored over a wide range of loading rates r, either by varying
the retraction speed upon recording FD curves (Figure 5b) or by
using oscillating modes such as an FD-based AFM mode where
the cantilever is withdrawn in a sinusoidal manner. The
nonlinear movement of the oscillation probes the bond over a
wide range of pulling speeds (up to mm s−1 for an oscillation
frequency of 0.25 kHz and amplitude of 1 μm). The loading rate
is calculated from the FT curve, as the slope of the force before
rupture of the bond. Next, the variation F vs r is represented in a
DFS plot (Figure 5c). Loading rates typically explored in SMFS
vary between 101 and 107 pN s−1.

4.2. Bell−Evans Model

As with most of the established theoretical frameworks currently
used to interpret DFS plots (Figure 5d−e), the Bell−Evans (BE)
model is based on Kramers’ analytically tractable reaction rate
theory.178 This theory recovers the Arrhenius dependence of the
dissociation rate on the height of the free-energy barrier (koff ∝
exp(−ΔG/kBT)) and relies on the assumption that the
activation energy is large compared with the thermal energy
scale, ΔG ≫ kBT = 1/β. Bell introduced the phenomenological
description of how an external force pulling on a bond reduces
the activation free-energy barrier toward dissociation.172

According to Bell, the presence of an external pulling force F
along the reaction coordinate “tilts” the internal binding
potential and reduces the lifetime of the bond.

One assumption of the Bell model is that the distance between
the bound state and the transition state along the reaction
coordinate, xβ, remains constant under the applied external
force. The force-dependent unbinding rate is described as

k F k Fx k T( ) (0) exp( / )off off B= β (1)

Further, the external applied force is assumed to be constant in
time; however, in AFM experiments molecular bonds are
dissociated using cantilevers exhibiting Hookean stretching
behavior that exert forces increasing linearly with the retraction
distance.
Starting from the Bell model, Evans and Ritchie assumed an

external force increasing linearly in time and derived the survival
probability of the bond145,173,179 (i.e., the probability that the
bond is still associated at time t). This led to the derivation of a
general expression for the distribution of rupture forces
measured by SMFS. Focused on the bond dissociation kinetics,
the BE model for a single dominant barrier to rupture predicts
that the most probable rupture force F* (i.e., the mode of the
rupture-force distribution) in the thermally activated regime
scales linearly with the logarithm of the loading rate as
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The dependence F* ≈ ln r can take into account nonlinear
stretching of elastic force transducers, such as polymeric
linkers.180,181 The BE model has been widely used to elucidate
receptor−ligand unbinding kinetics,90,145 protein unfolding,182

and virus detachment from cell surfaces.148,183,184 The BEmodel
does, however, have certain limitations, and deviations from the
predicted behavior have been observed with the increasing
dynamic range of experiments. In particular, the assumption of a
force-independent xβ is not always justified at high forces, where
the transition barrier and the well necessarily move closer until
they eventually merge at a critical force when the barrier to
rupture vanishes.
4.3. Dudko−Hummer−Szabo Model

SMFS experiments spanning increasingly wide ranges of r have
observed deviations from the BE model, in particular, curved
DFS plots and variances in the rupture force that depend on the
loading rate.174 These deviations motivated new interpretations
including that multiple transition free-energy barriers are
crossed upon dissociating the bond,145,185 a shortening of the
distance between bound and transition state at high forces,186

and a nonlinear behavior induced by the force transducer
itself85,177,187,188 or the transition from a probabilistic thermally
activated regime to a deterministic regime.121,176 Dudko,
Hummer, and Szabo (DHS) revisited the assumption in the
BE model that the distance to the transition state, xβ, does not
depend on the external applied force.189 Focusing on an external
force that is ramped up linearly in time, the DHSmodel assumes
that the free-energy potential well and barrier will eventually
merge at a critical force when the barrier to rupture vanishes.
The DHS model includes the BE model as a limiting case, but
predicts that in general both the logarithm of the lifetime at
constant force and the mean rupture force are nonlinear
functions of the force and the logarithm of the r, respectively.189

The DHS formalism adds a parameter to the BE model that
enables a smooth interpolation between different potential
shapes, which is the apparent free energy of activationΔG#. The
DHS model was validated as a simple method to determine
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force-dependent lifetimes τ(F) from rupture-force histograms
collected at different pulling speeds:189
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The scaling factor a specifies the nature of the underlying free-
energy profile:186 a = 1/2 corresponds to a cusp-shaped
potential, while a = 2/3 corresponds to a linear-cubic binding
potential. The BE expression is recovered for a = 1. The
advantage of the DHS model lies in the fact that it largely
eliminates the need to make model-dependent assumptions
about the functional form of τ(F). Another advantage is that the
DHS model absorbs the influence of flexible polymeric linkers
into a force-dependent loading rate,

v
r k

dl F
dF

1 ( )

c
= +

(4)

where v is the retraction velocity, kc is the cantilever spring
constant, and l(F) is the force-dependent extension of the linker.
The linker extension can be modeled using the WLC or freely

jointed chain (FJC)model or a combination of these, depending
on the experimental setup (see Figure 6 for details).28,66,190,191

In summary, the DHS model provides an excellent
approximation over a wide kinetic regime of a bond. Despite
being developed for irreversible rupture events of the bond, the
model is applicable also to reversible transitions, as long as the
association and dissociation events can be separated in the
analysis process, e.g., based on their molecular extensions.189

However, the DHS model assumes that a significant barrier >
kBT exists and that the applied force stays below a critical value at
which the transition barrier vanishes F < ΔG#/νxβ, which may
not be the case under extreme loading rates.

4.4. Friddle−Noy−De Yoreo Model

The BE and DHS models are currently being used to extract
kinetic information from SMFS experiments, while fluctuation
theorems such as the Jarzynski equality (JE)192 and its
generalization, the Crooks fluctuation theorem,193 provide a
rigorous theoretical framework194 for the estimation of
thermodynamic parameters.195,196 Previous studies have
shown that the free-energy difference between the initial
bound and the final unbound equilibrium states could be
estimated via a nonequilibrium, irreversible process that

Figure 6. Overview of theoretical frameworks modeling the force extension relationship of complex systems. (a) A typical force−distance curve for
stretching a flexible PEG linker tethering a polypeptide-based ligand to an AFM tip. The unbinding event in the retraction curve can be fit with a
polymer extension model to estimate the contour length of the complex tethered to the AFM tip using a suitable elastic model. The effective spring
constant keff of the cantilever-PEG-polypeptide linker system is the result of combining the cantilever stiffness kc and the stiffness of the PEG-
polypeptide complex k1−3. (b) Four polymer elasticity models are described: the freely jointed chain (FJC) model assumes a single flexible polymer
chain consisting of a series of n rigid segments of Kuhn length lk connected by freely rotating joints. The extended FJC (eFJC) model assumes that a
molecule can be overstretched beyond its contour length at high stretching forces due to an increasingly enthalpic molecular response. An additional
segment elasticity parameter ks to account for the elasticity of individual segments when stretched is introduced in the equation. The WLC model
describes the polymer as a homogeneous stiff elastic rod without discrete structure and is characterized by the contour length Lc of the polymer and its
persistence length lp; the extendedWLC (eWLC)model assumes an enthalpic deformability of the chain segments, in the same fashion as described for
the eFJC model. As an additional stretching term, the stiffness of the chain ks is introduced to quantify the increase of the chain extension. Long PEG
flexible linkers can be modeled using the eFJCmodel, while polypeptides can be described well using theWLCmodel. By combining both models, the
force−distance relationship of the PEG-polypeptide linker can be obtained.
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connects them, thus bridging the gap between equilibrium and
nonequilibrium statistical mechanics.196 In a recent theoretical
approach, the Friddle−Noy−de Yoreo (FNdY) model174

bridges the gap between the thermal and kinetic regimes and
challenges the irreversibility assumptions made by BE and DHS
models. The FNdY model predicts that the DFS plot of a
ligand−receptor bond attached to a force transducer consists of
two primary regimes, a near-equilibrium regime of the bond-
transducer system where rebinding events can occur and which
is characterized by an equilibrium force Feq and a kinetic regime,
which is characterized by a fast rupture of a bond at
nonequilibrium.174 According to this theory, the transition
rates of the rebinding and unbinding intersect at Feq:

F k G2eq eff bu= Δ (5)

The mean rupture force is defined as

F F f e R F R F
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γ is the Euler’s constant, keff is the effective spring constant of the
transducer, ΔGbu is the equilibrium free energy, and koff(Feq) is
the unbinding rate scaled by the Boltzmann-weighted energy of
a spring extended between the barrier location and the relative
displacement of the spring minimum under Feq (for further
details, see ref 174).
A possible shortcoming of the FNdY model is that a stiff

transducer or linker system is assumed, which is not a realistic
description of AFM-based force spectroscopy experiments on
biomolecular systems or living cells. Therefore, a key point when
applying the FNdY model is the accurate estimation of the
effective spring constant of the force transducer system, keff, for a
correct calculation of the equilibrium free energy. In a simplistic
approximation, keff is equivalent to the stiffness of the whole
force transducer including the spring constant of the cantilever
kc, and the stiffness of the polymeric linker klinker attaching the
binding partner to the AFM tip:

k
k k

k keff
c linker

c linker
=

+ (7)

In principle, an experimental estimation of keff can be achieved
by reconstructing the dependency of the effective spring
constant of the transducer from the rupture event in force−
distance curves and extrapolating to Feq. However, values of Feq
for most receptor−ligand bonds lie at the lower end of the
instrument detection limits (50 pN or below), which makes the
extrapolation of keff values at Feq quite difficult, at least with
conventional AFM-based force spectroscopy tools. Therefore,
for a rigorous calculation of keff, the use of appropriate
biophysical models that take into account polymeric linkers
elasticity and nonlinear stretching behavior is prefera-
ble28,197,77,191,198 (see Figure 6a). For more complex systems
where besides the cantilever and PEG linker the force transducer
includes other components such as viruses, nanoparticles, or cell
membrane, the estimation of keff becomes a nontrivial problem,
and assumptions have to be made regarding the stiffness of
unknown elements (Figure 6b). This estimation can add
considerable errors in calculating keff and upon propagating keff
to estimate ΔGbu.
The extraction of kinetic rate coefficients from DFS on a

molecular bond gives (using the above-mentioned theoretical

models) a rate of dissociation, koff, and a pseudo-first-order rate
of association, k′on. Both rate coefficients have units of inverse
time. To relate the measurements obtained at the single
molecule level to bulk measurements, k′on needs to be converted
into a concentration-dependent on-rate kon with units of M−1

s−1. We thus need to multiply the pseudo on-rate by a volume,
which can be estimated from the effective spring constant kL of
the molecular construct with intact bond at zero force as v =
(2πkBT/kL)

3/2. The product kon = NAvk′on, with NA Avogadro’s
number, gives the bimolecular on-rate per mole of ligand. The
dissociation constant for the binding reaction then becomes KD
= (koff/kon) = koff/(NAvk′on). In this form, KD has the units of M.
The FNdY model has been extensively used in recent FD-based
AFM studies mapping (bio)chemical information and where
nonlinear DFS plots were obtained.77,78,191,199

4.5. Dissecting Multivalent Interactions

An ideal SMFS experiment probes a single bond. However, in
practice, despite careful sample preparation and tip functional-
ization, a percentage of the rupture events detect multiple
bonded structures. These multivalent interactions can prove
difficult or impossible to interpret when the partition of force
and degree of cooperativity among the binding sites is unknown.
Fortunately, biophysical models have been developed to
account for multiple bond formation assuming generic types
of multivalent interactions. These predictions help discriminate
if the bonds are correlated or not, i.e., if all the bonds are
equivalent or if the first binding event induces an allosteric
modulation of the second binding event.174,198,200 In a seminal
work on dynamic force spectroscopy of multiple bonds,171

Williams and Evans describe three simple mechanical scenarios
for multiple bonds: (i) a series of bonds, where the force is
experienced fully by each bond in the system; (ii) a zipper, in
which bonds are connected in series but the force is sensed by a
lead bond: once this bond fails, the force load propagates to the
next bond in a domino effect, and (iii) parallel bonds where the
load is equally distributed among the existing bonds in an
attachment. The zipper is actually a specific case of bonds loaded
in series, where attachments are loaded and broken consec-
utively. Two general architectures of multivalent interactions
can thus be considered: a series connection where one or several
bonds sustain the load and a parallel configuration where the
force is shared equally across the connections (for further details
please refer to ref 171). It should be noted that when polymeric
linkers are involved, their nonlinear stiffness has to be taken into
account when applying the Williams−Evans model to analyze
the rupture of multiple identical bonds.

4.6. High-Speed DFS

Recent developments in AFM instrumentation have tackled
rapid dynamics of bond breakage by accessing high r (up to 108

N/s) and thus to rupture bonds very far from equilibrium.85,121

To extend the information on experimental DFS plots, the
studies combined SMFS with atomistic molecular dynamics
simulations. Such computational force spectroscopy approaches
usually operate at the limit of very high r (108−1013 pN/s),
where bond breaking becomes deterministic.201 This approach
acted as a stimulus for the development of new unified analytical
theories,176,187,202 such as Brownian dynamics simulations,85,186

which cover both slow and fast r regimes. However, the pulling
apparatus and the linkers can influence the observed dynamics
and the deduced bond-rupture rates.203
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5. PROBING BIOLOGICAL SYSTEMS FROM
SINGLE-MOLECULES TO LIVING CELLS

Over the years, (bio)chemical imaging by AFM has been
instrumental in mapping and analyzing the interactions and
properties of biosystems, thereby answering key questions in a
variety of fields, including microbiology, virology, immunology,
or cell biology.
5.1. Strength of Single Biomolecular Bonds: From Pico- to
NanoNewtons

SMFS measured that the rupture forces of biomolecular
complexes such as antibody−antigen or between DNA strands
typically range from 20−150 pN and depend on the sample and
experimental conditions.58 For many years, the streptavidin−
biotin bond had been considered as being the strongest
receptor−ligand interaction in nature, with a rupture force
approaching ∼200 pN. However, recent studies have demon-
strated that the binding strength of staphylococcal adhesion
proteins (adhesins), including SdrG, ClfA, and ClfB, bind their
ligand with ultrastrong forces of up to∼2000 pN, which is in the
range of forces needed to rupture covalent bonds.204 This insight
highlights the fact that, during evolution, bacterial pathogens
evolved sophisticated strategies to firmly attach to protein-
coated biomaterials and host cells. Ligand binding by SdrG and
related proteins involves the multistep dock, lock, and latch
(DLL) mechanism, where conformational changes in adhesins
greatly stabilize the adhesion complex (Figure 7a). Molecular
dynamics simulations show that the ligand (fibrinogen) is
confined in a screw-like manner in the binding pocket of SdrG,
and the binding strength of the complex results from numerous
hydrogen bonds between the peptide backbone and SdrG,
independent of the peptide side chains. Consequently,
separation of the binding partners involves the simultaneous,
cooperative rupture of numerous hydrogen bonds, leading to an
extremely high mechanostability.86

5.2. Imaging Chemical and Biological Sites

Using chemically functionalized tips, AFM is also a powerful
method for imaging distributions of chemical and biological
groups. For example, AFM can map the physicochemical
properties (hydrophobicity, charge, ...) of biological samples
ranging from living cells to single proteins. AFM showed the
spore surface of the fungal pathogen A. fumigatus to be strongly
hydrophobic, in agreement with the presence of hydrophobic
proteins on the surface.205 Similarly, AFM can also map
remarkable hydrophobic properties of mycobacteria, and their
alteration upon treatment with drugs.62 Furthermore, the use of
biochemical probes combined with the technological progresses
of FD-AFM in the last years now enables localization of specific
binding sites at high-resolution approaching 1 nm or better. FD-
AFM with Ni2+-NTA functionalized tips was used to image
soluble or membrane proteins and allowed structurally locating
specific interaction sites (histidine tags) on the spindle assembly
abnormal protein 6 homologue (SAS-6)170 and on the light-
driven proton pump bacteriorhodopsin of purple membrane at
(sub)-nanometer resolution and quantifying the binding
strength of the Ni2+-NTA groups to histidine residues.78 The
same strategy has been used to record multiparametric images of
the structure, adhesion, and elasticity of E. coli bacteria infected
by His-tagged bacteriophages revealing the virus assembly
machinery in the form of soft nanodomains surrounded by stiff
cell wall material.206 Recently, the combination of AFM
topography and nanomechanical mapping with specific probes
for molecular recognition of lipids was used to identify

cholesterol and sphingomyelin-enriched domains in supported
lipid bilayers (Figure 7b).59

Figure 7. AFM-based chemical imaging of biomolecular and cellular
systems. (a) Single-molecule force spectroscopy between Staph-
ylococcal SdrG adhesin and fibrinogen (Fg) reveals that the complex
withstands enormous forces, as shown in the DFS plot, thanks to a
dock-lock and latch mechanism. The experimental AFM setup includes
a ddFLN4 fingerprint domain (cyan) and covalent attachment to the
surface and tip via PEG linkers and the ybbR-tag (yellow dots). (b)
High-resolution mapping of lipid distribution on lipid bilayers.
Cholesterol domains are localized by an AFM tip derivatized by a
covalently linked θ-toxin trough a PEG linker. Topography and
corresponding adhesion map showing specific adhesion events
(brighter pixels). (c) Peroxiredoxin-5 binding to toll-like receptor-4
(TLR-4) is probed directly on living cells. Specific interactions are
observed on the adhesion map on the cell in the center that has been
transfected to overexpress TLR4 receptors, while surrounding cells are
not transfected and serve as internal control of the specificity. (d) A
single virion is covalently linked to the AFM tip, and interactions force
are probed on living cells expressing the specific JAM-A receptors. The
fluorescently labeled cell (JAM-A deficient) in the lower right corner
serves as an internal control. (e) The forces between Staphylococcus
aureus and human skin are quantified at the nanoscale. Topography
(vertical scale 0−2.5 μm) and corresponding adhesion map (vertical
scale 0−0.5 nN) show that the S. aureus−skin adhesion is strong. Part of
panel a was adapted with permission from ref 87. Copyright 2018
American Association for the Advancement of Science. Panel b was
adapted with permission from 59. Copyright 2018 John Wiley and
Sons. Panel c was adapted with permission from ref 205. Copyright
2018 AmericanChemical Society., Panel d was adapted with permission
from ref 183. Copyright 2019 Springer Nature. Panel e was adapted
with permission from ref 206. Copyright 2016 John Wiley and Sons.
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5.3. AFM Mapping of Mammalian Cells

Tremendous efforts have been realized over the last few years to
investigate mammalian cells in physiologically relevant con-
ditions and preferably without invoking phototoxic buffers.
Roduit et al. for example observed a relative stiffening of
glycosylphosphatidylinositol (GPI) domains on hippocampal
neurons derived from rat embryos using AFM tips function-
alized with aerolysin.207 The nano-organization of human
gonadotropin-releasing hormone receptor was analyzed on
fixed human bladder cancer cells revealing a tendency to

assemble in clusters irregularly distributed on the cell surface.208

Similarly, Fc gamma receptors that are widely expressed on
effector cells such as macrophages and that play an important
role in clinical cancer immunotherapy were localized on the
surface of macrophage using an AFM tip functionalized with
rituximab, the first monoclonal antibody developed to treat non-
Hodgkin’s lymphoma.209 Recently, for the first time in
immunology, AFM combined with functionalized probes
compellingly demonstrated that the specific binding of human
peroxiredoxin-5 with the cell surface Toll-like receptor 4 (Figure

Figure 8.Combining AFMwith confocal microscopy or microfluidic hollow cantilevers. (a) An AFM tip functionalized with EnvA-pseudotyped single
rabies virus is scanned over a mixed confluent layer of MDCK cells expressing or not expressing the fluorescently tagged receptor (mCherry-TVA
receptor). Specific interactions are only observed on cells expressing TVA receptors facilitating the binding of the viral EnvA receptor. (b) Confocal
microscopy discriminates the orientation of purple membrane adsorbed on mica, while AFM images at high-resolution its topography and extracts
specific interactions between a NTA-Ni2+-derivatized tip and bacteriorhodopsin displaying histidine-tags (His10). (c) HollowAFM cantilevers
(FluidFM) can be used to manipulate individual cells and to probe cell−cell interactions at high-throughput. Specific interactions between yeast
Saccharomyces cerevisiae expressing Als5p adhesins are measured. Partial unfolding of the tandem repeat of Als5p is observed in the FD curves in the
inset. Panel a was adapted with permissions from ref 77. Copyright 2017 Springer Nature. Panels b and c were adapted with permissions from refs 83
and 110. Copyright 2017 and 2019 American Chemical Society.
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7c) leads to the stiffening of mammalian cells, likely via the
release and action of interleukin IL-1β.210 In virology, AFM tips
bearing single virions appeared as useful tools to investigate the
first binding steps to cell surface receptors.148 Studying the
binding of the pseudotyped rabies virus EnvA to TVA cell
surface receptors at the single virus level unraveled a cooperative
mechanism by which the viral glycoproteins establish multiple
bonds to cell surface receptors.184 Similarly, a regulation
mechanism of the number of bonds established between herpes
virus and cellular attachment factors (including heparin and
chondroitin sulfate) was deciphered by FD-AFM mapping the
viral interactions with living cells at high force sensitivity.89 Very
recently, the direct interplay between attachment factors of
reoviruses binding to entry cell surface receptors was observed
for the first time by AFM183 (Figure 7d). It was revealed that
binding of viral σ1 glycoproteins to sialic acid induces σ1 to
adopt a more extended conformation, leading to a higher avidity
of the σ1 head domain to its specific entry receptor, the
junctional adhesion molecule A.76

5.4. Single-Cell Force Spectroscopy

As many biological processes require controlled cell adhesion
(assembly of tissues, development, inflammation, metastasis,
viral and bacterial infection, ...), the use of AFM for single-cell
force spectroscopy (SCFS) offers unique perspectives.58,73,211

By combining AFM and optical microscopy, the AFM can
position cells at selected locations of a functionalized surface,
tissue, or on another cell and to assess cellular interactions.73

The basic principle of SCFS is straightforward and is based on a
single cell attached to the free end of an AFM cantilever.
Conventionally, the cell is attached either by biochemical
interactions (including lectins,212 biotinylated cell surface
proteins,213 extracellular matrix proteins,214,215 or cell-TAK
polyphenolic proteins216) or by a nanofluidics-AFM combina-
tion, also called fluidic force microscope (FluidFM).217 The
attachment converts the living cell into a probe enabling
detection of cellular interactions with various substrates. The
challenge, however, lies in interpreting the deadhesion signature
recorded in FD or FT curves because specific as well as
unspecific adhesion events can be detected. For mammalian
cells, the retraction FD curve can be divided into three parts. At
low separation, the largest adhesion force is usually recorded
(referred to the detachment force) that represents the maximum
strength of the cell binding the substrate, while the area under
the curve refers to the work that is required to detach the cell.
The detachment force depends on many different cellular
properties including cell elasticity, cortex tension, cell geometry,
and last but not least on the binding of cell surface receptors to
the environment properties.218 After the detachment force has
been overcome, individual deadhesion events can be observed
on the FD curves. In these events the cell surface receptors either
detach from their ligand or are pulled away from the cell cortex at
the tip of a membrane tether.219

Interestingly, multiparametric imaging can also be carried out
using single bacterial probes as AFM tips. This approach was
initially developed to spatially map bacterium−host adhesive
interactions on skin surfaces220 (Figure 7e). Adhesion images
showed that Staphylococcus aureus exhibits strong adhesion
forces toward skin corneocytes, involving specific interactions
between bacterial adhesins and their ligands. In the clinical
context, adhesion of S. aureus to skin corneocytes plays a role in
atopic dermatitis, also known as eczema. Reduced levels of
natural moisturizing factor in the stratum corneum have been

shown to be associated with more severe atopic dermatitis
symptoms. By means of imaging with single bacterial probes, a
correlation was found between the level of natural moisturizing
factor in the skin and the strength of bacterium−corneocyte
adhesion. This study suggests that AFM-based affinity imaging
with single bacterial probes should find utility for studying host−
microbe interactions and could represent a potential tool to test
new therapeutic approaches.

6. MULTIMETHODOLOGICAL CHARACTERIZATION
With increasing complexity of the biological system, AFM faces
the difficulty of identifying the imaged morphological and
structural details. Although chemical imaging can identify and
localize one or a few components, the complexity of, for
example, a cell surface with its thousands of different
biomolecules (e.g., sugars, lipids, membrane proteins, associated
water-soluble proteins) is extremely high. This situation is
further complicated by the fact that, depending on the functional
state of the cell, biomolecules dynamically assemble and
disassemble macromolecular complexes. It thus becomes
challenging to correlate the chemical information detected by
AFM to cell state, morphology, and compartments. To
overcome this problem, it is advisable to combine AFM-based
chemical imaging with complementary micro- or nanoscopic
methods.49,76,83,110 Combined with optical microscopy, such as
differential interference or phase contrast, AFM topographs and
chemical maps can be correlated with rather large cellular
structures such as nucleus, organelles, lamellipodia, and
cytoskeleton. Details of smaller cellular compartments and
structures and of their specific composition can be tackled by
combining AFM with fluorescence microscopy, among which
confocal microscopy is particularly suited to imaging cellular
structures interfaced with the AFM tip or tomonitor and localize
processes in the cell. Thereto fluorescence markers, either
attached chemically (chemical fluorophores) or genetically (e.g.,
fluorescent proteins), are needed to label cellular components.
In one such example, AFM was used to image single binding
events of pseudotyped rabies viruses to MDCK cells that have
been engineered to express the EnvA receptor to facilitate virus
binding and entry77 (Figure 8a). The AFM topography, virus-
binding maps, and confocal microscopy images revealed rabies
viruses only binding to cell surfaces expressing the fluorescently
labeled receptor, while they could not bind to adjacent cells
lacking the receptor. Similarly, AFM and confocal microscopy
were combined to determine the sidedness of purple membrane
adsorbed on mica and to localize specific His10-tags fused the
extracellular N-terminal end of bacteriorhodopsins (Figure
8b).83 After fluorescently localizing purple membranes exposing
extracellular His-tags, high-resolution AFM was used to image
the purple membrane topography at (sub-) nanometer
resolution and to assign the topographic structures to the
extracellular surface of purple membrane. Similarly, it was
possible to fluorescently label purple membrane carrying
cytoplasmic His-tags. In addition, FD-AFM could be applied
to monitor and localize specific binding events of an NTA-
functionalized AFM tip to His-tagged bacteriorhodopsin
molecules residing in purple membrane.
The resolution limit of conventional optical microscopy,

ranging between 250 and 400 nm, is generally much lower than
that of AFM, which can image cell surfaces at resolutions ∼50
nm. However, super-resolution optical microscopy can also
approach resolutions of∼50 nm.221 Among the super-resolution
optical microscopy family, including PALM, STORM, and
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STED, STED-based approaches are possibly most suitable to
imaging live cells because they can focus on selected cellular
areas and monitor individual fluorophores or groups thereof at
high temporal resolution approaching minutes to sec-
onds.221−223 Combining AFM with optical super resolution is
a challenging goal. Odermatt et al. designed a correlated single
molecule localization microscope (SMLM)/AFM that allows
localizing specific, labeled proteins within high-resolution AFM
images in a biologically relevant context.224 Particularly, the
newly invented STED-based MINFLUX nanoscopy allows the
imaging of cellular processes at <5 nm lateral and <10 ms time
resolution.225 Although a combination of MINFLUX with AFM
does not yet exist, it would allow imaging of cellular processes in
“real-time” while probing their chemical properties or
stimulating the cells using biochemical compounds (e.g.,
ligands, proteins, viruses, drugs) attached to the AFM tip.
Other promising AFM-based approaches to spectroscopically

characterizing the biological complexity include tip-enhanced
infrared (IR) spectroscopy or scanning near-field optical
microscopy (SNOM).82,84 In SNOM, the tip is replaced by an
optical fiber with a nanoscale aperture, meaning topographic and
optical images are simultaneously recorded, revealing the spatial
distribution of fluorescently labeled molecules.226 Progress in
photonic antennas and plasmonics is expected to offer
nanoimaging and nanospectroscopy of single molecules in
living cells.227 Tip enhanced Raman spectroscopy (TERS)
combines the spatial resolution of AFM with the chemical
selectivity of Raman spectroscopy.228−230 These approaches
have begun delivering useful insights into the chemical
compositions and thus to chemically identify the composition
of complex biological systems, such as membranes. Similarly,
microfluidic devices coupled to hollow AFM cantilevers, also
named Fluid-FM, can be used to manipulate cells or to inject or
extract a small amount of solutions into cells (Figure 8c).217

Combined with chemical imaging, such AFM-based devices may
be applicable to directly sense, localize, and trigger specific
(bio)chemical compounds and reactions.

7. PERSPECTIVE
AFM-based chemical sensing brings a unique (bio)chemical
laboratory to a nanoscopic probe. The possibility to sense,
quantify, image, and manipulate noncovalent molecular
interactions, reactions, and processes opens avenues to
groundbreaking experiments in life sciences. Such experiments
include, for example, localizing cell surface receptors of living
cells and triggering cellular responses via control of the ligand
binding to the receptor. Moreover, measuring the force and time
of ligand binding to a receptor allows determination of the free-
energy landscape of the ligand−receptor bond and, in principle,
investigation of how the cell regulates its receptors to bind
ligands. As we highlighted, the first successful attempts to
address this biological challenge have been achieved, and we
expect that many more examples will follow flanked by a
deepening understanding of how cells regulate cell surface
receptors. We also see a considerable potential for using
photoswitchable ligands or compounds tethered to the AFM tip,
which can be switched in their state to binding their receptor of
interest or to undergo specific interactions with the biological
system of interest. Such applications further extending the
applicability of the AFM as chemical toolbox may be soon
developed and established. However, AFM-based chemical
imaging is not trivial, as it requires several chemical,
technological, and theoretical prerequisites to be able to detect

and analyze specific or nonspecific biomolecular interactions.
We have outlined the most important steps toward reaching this
goal. Nevertheless, bringing the field toward the full potential
range of applications requires that standards be set. Such
standards involve the use of reference samples, which are
structurally and chemically well-defined. One such reference
could be the atomically well-defined purple membrane, where
bacteriorhodopsin molecules assemble hexagonally and can be
genetically modified to carry the chemical tags of interest.
In the future, we expect that AFMwill be combined with other

ultrasensitive force techniques to measure the forces associated
with native biological systems ranging from tissues, cells to
biomolecules, including microfluidic devices, microneedles,
biomembrane force probe, or optical and magnetic tweez-
ers.231−235 Molecular dynamics simulations will become
increasingly used tool complement such experiments, contribu-
ting to understand the molecular mechanisms underlying for
example cellular functions at atomistic detail. Infrared and
Raman spectroscopy combined with scanning probe methods,
i.e., photothermal induced resonance (PTIR) and tip-enhanced
Raman spectroscopy (TERS), will offer new possibilities for the
chemical imaging and spectroscopy of biosystems at the
nanoscale.230,236,237 Such chemical imaging may in the future
allow us to analyze the complex composition of dynamically
changing cellular compartments, such as organelles, membranes,
or cytoskeleton to name only a few.
For decades, AFM-based approaches, including AFM-based

chemical imaging, have been mainly applied to characterization
of isolated biological systems, such as individual or complexed
peptides, sugars, proteins, nucleic acids, and membrane patches.
Such in situ approaches are important to develop and establish
AFM-based chemical imaging. However, biology also teaches us
that most of these systems are highly regulated and that their
structural and functional state depends on the biological
environment, which is the cell, tissue, or organ. Thus, to
approach how biological systems work in vivo also requires their
characterization in the complexity of the living system. To fully
address this complexity requires the combination of AFM-based
chemical imaging with complementary microscopic, nano-
scopic, and spectroscopic tools that allow one to characterize
and link as many parameters as possible to describe and
understand living systems. As one major complementary tool
apparently involves fluorescence microscopy, one may think to
soon use “intelligent” fluorescent dyes to localize, switch, and
sense signal transduction pathways, cell membrane tension,
intracellular pressure or pH, or other cellular parameters and
processes relating to the (bio)chemical information sensed by
AFM. In this respect it will be beneficial to combine AFM-based
methods with advanced optical methods like near-field scanning
optical microscopy (NSOM), 4Pi microscopy, saturated pattern
excitation microscopy (SPEM), stimulated emission depletion
(STED) microscopy, photoactivated localization microscopy
(PALM), stochastic optical reconstruction microscopy
(STORM), or MinFlux microscopy and to localize and track
single molecules in complex biological systems, including the
interior of live cells, at high spatial and temporal resolu-
tions.238−240
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