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Introduction 24 

In biology, the ability to visualize the structure and function of macromolecules has long 25 

been a central goal and microscopy has been instrumental in this pursuit, with conventional 26 

optical microscopes providing insights into protein localization. However, their spatial 27 

resolution, limited to hundreds of nanometers, falls short of resolving single-molecule 28 

localization and interaction. As a result, our understanding of protein interaction dynamics 29 

often relies on interpreting data that cannot directly capture these fine molecular events. 30 

However, in the 1980s, a new class of microscopy techniques emerged—scanning probe 31 

microscopies (SPM)—which fundamentally changed how surfaces could be examined. SPM 32 

techniques, such as the scanning tunnelling microscope (STM) (Binnig, Rohrer et al. 1982) and 33 

atomic force microscope (AFM) (Binnig, Quate et al. 1986), involve scanning a physical probe 34 

across a sample's surface to map its topography at nanometer-scale resolution. STM, 35 

introduced in 1981, utilizes tunnelling current between the probe and sample at extremely 36 

short distances to image surfaces. Five years later, AFM was developed, which measures local 37 

interaction forces between a sharp tip and a surface to reconstruct a detailed topographical 38 

image. 39 

AFM's ability to capture high-resolution images (1-50 nm) far surpasses the diffraction 40 

limit of conventional optical microscopy, making it a powerful tool for biological research. 41 

Furthermore, AFM’s versatility allows it to operate in various environments—air, vacuum, or 42 

liquid—making it particularly useful for studying biological systems under near-physiological 43 

conditions (Hansma, Elings et al. 1988, Meyer and Amer 1988, Weisenhorn, Hansma et al. 44 

1989). This capability, combined with refinements aimed at minimizing sample damage, has 45 

made AFM a preferred technique for studying biological materials in their native state. Early 46 

AFM applications included high-resolution imaging of proteins (Arakawa, Umemura et al. 47 

1992), lipid bilayers (Egger, Ohnesorge et al. 1990) , DNA (Weisenhorn, Egger et al. 1991), 48 

microbes (Kuznetsov, Malkin et al. 2001) and cells (Butt, Wolff et al. 1990). Additionally, by 49 

functionalizing AFM tips and surfaces with biomolecules, researchers have been able to probe 50 

the biophysical properties of molecular interactions, as demonstrated in early studies on 51 

chemical interactions and receptor-ligand interactions (Florin, Moy et al. 1994, Frisbie, Rozsnyai 52 

et al. 1994, Lee, Kidwell et al. 1994). 53 
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The main components of an AFM system include the probe, sample stage, piezoelectric 54 

scanner, optical detection system (laser beam and photodetector), and feedback system 55 

(Figure 1). The probe consists of a soft cantilever with an integrated sharp tip, typically made 56 

from silicon or silicon nitride, with a tip radius ranging from 1 to 100 nm for high-resolution 57 

imaging. The movement of the tip or sample is controlled by piezoelectric materials that expand 58 

or contract in response to voltage changes, allowing for precise scanning of the sample in three 59 

dimensions. As the tip interacts with the sample, the cantilever deflects, and these deflections 60 

are detected by reflecting a laser beam off the cantilever onto a position-sensitive 61 

photodetector. The photodiode voltage signal [V], which represents the cantilever deflection, 62 

is converted into actual tip deflection [m] using the system's sensitivity [nm/V], a calibration 63 

factor that correlates the voltage output from the photodiode with the cantilever movement. 64 

The deflection (d) is then used to calculate the interaction force (F [N]) through Hooke’s law: F 65 

= -k.d, where k is the cantilever spring constant [N/m]. 66 

 67 

Figure 1. Main components of an AFM. The piezoelectric scanner enables precise sample movements in all three 68 
dimensions (x, y, z). The AFM cantilever with a sharp tip interacts with the sample surface. At the same time, a 69 
laser beam reflects off the back of the cantilever onto a photodiode, which detects deflections caused by surface 70 
interactions. A computer controller and feedback system regulate the scanning process and adjust the sample 71 
position depending on the setpoint. 72 

In contact mode AFM, the tip of the cantilever makes direct contact with the sample 73 

surface as it scans. Variations in surface topography cause the cantilever to deflect, and a 74 

feedback loop maintains constant deflection by adjusting the sample’s height, ensuring a 75 

consistent force between the tip and the surface. This process enables the AFM to generate a 76 

high-resolution surface map. Although contact mode is well-suited for imaging hard surfaces 77 

and achieving atomic-level resolution, it can damage softer samples due to the continuous 78 
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force applied. To mitigate this, amplitude modulation (AM) or tapping mode was developed, 79 

where the tip intermittently contacts the surface, reducing the risk of sample damage. In this 80 

mode, the cantilever oscillates at or near its resonant frequency, and the tip briefly touches the 81 

sample with each oscillation cycle. AM-AFM has become the most widely used mode for 82 

imaging biological samples in solution due to its simplicity, stability, and minimal disturbance 83 

to delicate structures. It provides high-resolution images without causing significant 84 

deformation, making it ideal for investigating soft biomolecules and living cells. Additionally, 85 

other non-contact modes, such as frequency modulation (FM-AFM), have been introduced, 86 

further enhancing AFM’s sensitivity in detecting nanoscale surface interactions (for further 87 

details please refer to (Muller and Dufrêne 2008)).  88 

With ongoing advancements, AFM has become an essential tool in biophysics and 89 

molecular biology, offering unparalleled insights into the nanomechanical properties of living 90 

cells and the molecular interactions that govern cellular functions. This technique has been 91 

particularly valuable in studying how membrane receptors mediate various biological 92 

responses. This review shows the key developments that have enabled the use of AFM to probe 93 

mammalian cells under near-physiological conditions. Through this lens, I will showcase the 94 

studies where AFM has been applied to investigate the biophysical properties of cell surfaces, 95 

focusing on how single-molecules and viruses interact with cell membrane receptors. These 96 

studies not only demonstrate the versatility of AFM in characterizing complex biological 97 

systems but also reveal how the technique can provide critical insights into the molecular 98 

mechanisms driving cell surface dynamics and interactions. By capturing these interactions in 99 

real-time and under conditions closely mimicking those in living organisms, our research has 100 

contributed to a deeper understanding of cellular responses at the nanoscale.  101 

AFM as a sensor for probing and mapping single-molecule interactions 102 

Originally developed as an imaging tool, AFM soon showed potential for broader 103 

applications. This led to the development of the force spectroscopy mode. This mode allows 104 

force measurements at the single-molecule level with piconewton (pN) sensitivity by 105 

successively advancing and retracting the tip (Figure 2A). In AFM force spectroscopy, the force 106 

exerted by or experienced by the AFM tip is recorded as a function of time (force-time, FT) 107 

(Figure 2B) or tip-sample distance (force-distance, FD) (Figure 2C), enabling the study of 108 

various (bio)physical properties. The recording of force curves begins with the AFM cantilever 109 
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positioned far from the sample (Figure 2, label 1), where no interaction occurs, and the 110 

measured force is zero (baseline). As the cantilever approaches the sample, the tip moves 111 

closer until it contacts the surface (Figure 2, label 2), causing an upward deflection of the 112 

cantilever. The tip is then pushed further into the sample, reaching a predefined force setpoint 113 

(Figure 2, label 3), allowing the analysis of the mechanical properties of the sample, such as 114 

elasticity, stiffness, and deformation. At this point, the approach stops, and the tip begins to 115 

retract. During retraction, the force gradually decreases as the tip moves away from the 116 

sample. If a molecular interaction is present, this can cause the cantilever to bend downward 117 

(Figure 2, label 4), leading to a characteristic signal in the force curve.  After the interaction 118 

breaks, the cantilever jumps to zero-force (Figure 2, label 5). If no interaction occurs, the signal 119 

follows the baseline, with the tip returning directly to its original position. In addition to single-120 

point measurements, AFM can perform force mapping, where an array of force curves is 121 

collected across a defined area of the sample. For each pixel of the map, the AFM tip undergoes 122 

an approach-retraction cycle, either using a linear (Figure 3A) or oscillating (Figure 3B) 123 

movement. This extension of force spectroscopy allows for detailed spatial mapping of 124 

mechanical, biological and biophysical properties across the sample surface. 125 
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 126 

Figure 2. AFM force spectroscopy overview. (A) Schematic representation of the AFM tip's approach and 127 
retraction from the sample surface, highlighting the key interaction stages. (B) Force-time (FT) curve illustrating 128 
the force exerted by the AFM tip over time during the approach and retraction phases, with numbered labels 129 
corresponding to the stages in panel A. (C) Force-distance (FD) curve displaying the same interaction, where the 130 
force is plotted against the tip-sample distance. As the cantilever approaches the sample (label 1), the force 131 
remains at baseline. Upon contact (label 2), upward deflection occurs, followed by a predefined force setpoint 132 
(label 3) to assess the sample's mechanical properties. During retraction (label 4), if an interaction is present, 133 
downward bending of the cantilever is observed, leading to a characteristic signal until the interaction breaks 134 
(label 5). If no interaction occurs, the force returns directly to baseline. 135 

A wide range of AFM tip functionalization strategies have been developed over the 136 

years to enhance measurement specificity (Figure 3C) (Riener, Kienberger et al. 2003, 137 

Hinterdorfer and Dufrêne 2006, Ebner, Wildling et al. 2007, Wildling, Unterauer et al. 2011, 138 

Koehler, Lo Giudice et al. 2020). Chemical groups or biomolecules are often chemically attached 139 

to the tip via short linkers, while the rest of the tip apex is blocked using spacer molecules to 140 

reduce non-specific interactions. However, with high ligand coverage, there is a risk of probing 141 

multiple binding events, which can also lead to increased steric hindrance that interferes with 142 
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the binding process. To manage ligand density, the typical molecule-to-spacer ratio is 143 

maintained very low (1:100 to 1:1000) (Müller, Dumitru et al. 2020). Chemical force microscopy 144 

(CFM) is widely used to probe the chemically heterogeneous surface of samples by mapping 145 

surface properties like hydrophobicity. In this case, gold tips are modified with self-assembled 146 

monolayers of alkanethiols terminated with specific functional groups (e.g., hydroxyl or methyl 147 

terminals) (Figure 3C, left) (Frisbie, Rozsnyai et al. 1994, Noy, Frisbie et al. 1995, Alsteens, Dague 148 

et al. 2007). While rigid and short linkers may limit biomolecular conformational mobility, 149 

potentially reducing the effectiveness of interactions between binding partners, long and 150 

flexible linkers like poly(ethylene glycol) (PEG) offer greater mobility and orientational freedom, 151 

improving molecular recognition. Linkers with lengths of around 6-10 nm (18-27 ethylene glycol 152 

units) provide an optimal balance between flexibility and lateral resolution (Figure 3C, right) 153 

(Riener, Kienberger et al. 2003). Additionally, during tip retraction, PEG linkers exhibit 154 

characteristic stretching behavior, which serves as a molecular fingerprint for identifying 155 

specific unbinding or unfolding events. This approach is preferable to probe the interaction 156 

between biomolecules. 157 

Controlling the orientation of grafted ligands on the AFM tip is crucial for many studies 158 

involving single-molecule force spectroscopy (SMFS). Methods that use covalent bonding via 159 

randomly distributed amino acid residues often result in an uncontrolled orientation of the 160 

molecules on the AFM tip (Ott, Jobst et al. 2017). To address this, site-specific attachment 161 

strategies have been developed, such as using the affinity between tetravalent nickel and 162 

histidine to immobilize His6-tagged proteins on AFM tips (Kienberger, Kada et al. 2000, 163 

Verbelen, Gruber et al. 2007) (Figure 3C). Additionally, proteins with a free cysteine or thiol-164 

modified oligonucleotides can be immobilized at low concentrations using thiol-maleimide 165 

chemistry (Figure 3C), with tris(2-carboxyethyl)phosphine (TCEP) used to reduce disulfides to 166 

reactive sulfhydryl groups. As free cysteines are rare, they readily react with maleimide and 167 

bare-gold surfaces. Alternatively, free amines present on proteins or viruses (leading to the 168 

single-virus force spectroscopy (SVFS) mode) can be used to covalently attached the ligand in 169 

an unoriented manner. To this end heterobifunctional linker bearing a N-hydroxysuccinimide 170 

on one side and an aldehyde group on the other side a frequently used. Aldehyde functions are 171 

particularly useful for covalently coupling of proteins, as they react with amino groups (-NH2), 172 

which are present in most proteins, including virus surface proteins. This aldehyde function, in 173 
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combination with the NHS function present in this linker, may result in loop formation between 174 

adjacent NH2 groups. However, coupling of amino groups to aldehydes is much slower than to 175 

NHS esters; NH2 functions on the tip are rapidly consumed by reaction with NHS esters, 176 

allowing most aldehyde functions to be free for coupling of proteins (Wildling, Unterauer et al. 177 

2011). Other advanced strategies include enzyme-assisted methods using sortase A 178 

transpeptidase from S. aureus, which recognizes the LPXTG motif at the C-terminus of the 179 

target protein and ligates it to a second protein with an N-terminal oligo G motif (Theile, Witte 180 

et al. 2013, Dumitru, Conrard et al. 2018), and copper(I)-catalyzed azide-alkyne cycloaddition 181 

(Chen, Ning et al. 2009). Both approaches enable site-specific tethering of biomolecules with 182 

controlled spatial orientation.  183 

 184 

Figure 3. Principle of AFM mapping and tip functionalization strategies. (A-B) Schematic representation of AFM 185 
force mapping, where the AFM tip undergoes approach-retraction cycles for each pixel across the sample surface. 186 
The tip movement can follow either a linear (rectangular) path (A) or an oscillating (sinusoidal) waveform (B). (C) 187 
Various AFM tip functionalization strategies are shown. Left: Chemical functionalization of tips for chemical force 188 
microscopy, such as gold tips modified with self-assembled monolayers of alkanethiols. Right: Biomolecule 189 
attachment using flexible linkers like poly(ethylene glycol) (PEG), offering improved mobility for molecular 190 
interactions.  191 

Could you write a caption of a figure which present in A and B the  192 

Model surfaces, such as gold-coated or mica substrates, provide a simplified platform for 193 

studying ligand-receptor interactions, improving the throughput of SMFS measurements (Li 194 
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2014). For gold surfaces, His6-tagged proteins can be immobilized using NTA-terminated and 195 

PEG-terminated alkanethiols, followed by Ni2+ ions to bind the His6 tag. This ensures proper 196 

receptor orientation, keeping binding sites accessible. However, because non-covalent bonds 197 

are formed, the complexes can break under low forces, limiting suitability for high-force 198 

experiments (Kienberger, Kada et al. 2000, Wasserberg, Cabanas-Danés et al. 2017). Covalent 199 

attachment using NHS/EDC chemistry offers an alternative. Here, thiols interact with the gold 200 

surface, and activated COOH groups bind proteins via amino groups. However, multiple lysine 201 

residues may interact with the surface, reducing control over molecular orientation (Fischer 202 

2010). While model surfaces simplify interactions, they may not fully reflect receptor behavior 203 

on living cells. For instance, for membrane receptors, the surrounding lipid environment plays 204 

a crucial role in their structure and function. Thus, strategies that maintain a more physiological 205 

context can be preferable for studying receptor-ligand interactions. Approaches such as 206 

reconstituting the protein in lipid membranes (Alsteens, Pfreundschuh et al. 2015) or nanodiscs 207 

(Zocher, Roos et al. 2012) help preserve native-like conditions by providing a lipid bilayer that 208 

mimics the cellular membrane. Cell surfaces are more complex, consisting of various lipids and 209 

proteins.  210 

From chemical to biological characterization 211 

Over the last decades, AFM force spectroscopy has become a powerful technique for 212 

investigating various samples' chemical and biological properties with nanometer-scale 213 

precision. While hydrophobic forces were historically studied using the surface force apparatus, 214 

AFM has made it possible to examine these interactions at much higher spatial resolution (~10 215 

nm). This has enabled researchers to probe the hydrophobic characteristics of a wide range of 216 

surfaces, including colloids, oligopeptides, and living cells (Yoon, Flinn et al. 1997, Nguyen, 217 

Nalaskowski et al. 2003, Alsteens, Dague et al. 2007, Beaussart, El-Kirat-Chatel et al. 2014). 218 

Functionalizing AFM tips with methyl-terminated monolayers allows short-range hydrophobic 219 

forces to be selectively measured while minimizing the influence of longer-range forces like 220 

electrostatic interactions. Recent advancements, such as multifrequency AFM (MF-AFM), have 221 

enabled detailed mapping of the protein-water interface and sub-molecular structures on 222 

membrane proteins like aquaporin-0 (AQP0). This approach revealed a higher affinity of water 223 

for the region surrounding AQP0 tetramers, while also providing sub-nanometer resolution of 224 

both the interfacial water and the protein itself, offering insights into its lattice arrangement 225 
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and mechanical properties (Ricci, Quinlan et al. 2017). Beyond hydrophobicity, AFM has also 226 

been used to investigate electrostatic forces, employing bare or functionalized tips to detect 227 

charge variations on biological membranes with sub-nanometer accuracy. For example, FD 228 

curve-based AFM has provided insights into the electrostatic field and potential of pore-229 

forming proteins such as OmpF, allowing researchers to quantify how these fields guide 230 

charged molecules and ions through transmembrane pores, significantly advancing our 231 

understanding of their function in their native state (Pfreundschuh, Hensen et al. 2013). 232 

AFM force spectroscopy also emerged as a transformative tool in the investigation of 233 

molecular interactions, particularly receptor-ligand binding dynamics. Pioneering applications 234 

of AFM have included the direct measurement of forces between complementary strands of 235 

DNA (Lee, Chrisey et al. 1994), as well as mechanical investigations of protein structures 236 

through stretching and unfolding (Rief, Gautel et al. 1997). These foundational studies have 237 

paved the way for a broader exploration of molecular interactions at the nanoscale. In addition 238 

to its capabilities as a nanoscopic imaging tool and force spectroscopy instrument, AFM has 239 

evolved to enable simultaneous imaging and quantification of biomolecular interactions. Initial 240 

work on streptavidin-patterned surfaces using a biotinylated tip has been expanded to include 241 

living red blood cells (Ludwig, Dettmann et al. 1997, Grandbois, Dettmann et al. 2000), 242 

highlighting AFM’s capacity to provide insights into complex biological systems and 243 

demonstrating the concept of "affinity imaging", which allows for the identification and 244 

localization of specific biological interactions. Following this, force mapping became a critical 245 

technique, applied extensively across various bacterial and mammalian cells. Concurrently, the 246 

development of dynamic recognition modes has led to improvements in both time and spatial 247 

resolution, enhancing our understanding of molecular interactions. Enhanced force-distance 248 

(FD) curve methodologies and the coupling of AFM with optical microscopy techniques—249 

ranging from epifluorescence to super-resolution—have further amplified AFM’s capabilities. 250 

The complementary information gleaned from these dual techniques provides unparalleled 251 

insights into the relationship between supramolecular bond formation and biological 252 

functionality. 253 

Recent innovations in AFM tip manipulation have also contributed to its versatility. For 254 

instance, Koehler et al. introduced photocleavable linkers to control ligand-binding specificity 255 

in AFM force spectroscopy experiments, allowing for the precise delivery of single molecules 256 
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with high spatiotemporal resolution(Koehler, Lo Giudice et al. 2020). Fluidic Force Microscopy 257 

(Fluid-FM) technology has further expanded AFM’s capabilities, enabling the trapping and 258 

release of beads, cells, and other biomolecules via pressure-controlled nanopipettes, thus 259 

allowing for the localization of specific adhesion events at resolutions as fine as ~10 nm on 260 

cellular surfaces(Meister, Gabi et al. 2009). 261 

Given these advances, it is not surprising that AFM has gained importance in medical 262 

studies, providing valuable information that enhances our understanding of health, disease and 263 

treatment efficacy. For example, a study shown that degradation of the cellular glycocalyx in 264 

diabetes correlates with disease progression and endothelial cell stiffening has been observed 265 

in mouse models (Targosz-Korecka, Jaglarz et al. 2017). Similarly, AFM has been used in cancer 266 

therapies to assess how drugs like taxanes increase cancer cell rigidity by targeting 267 

microtubules(Rotsch and Radmacher 2000), while non-cytoskeletal drugs, such as chitosan, 268 

indirectly alter cancer cell mechanics by affecting glycolysis (Lekka, Laidler et al. 2001). This 269 

ability to measure drug-induced changes at the nanoscale highlights AFM's critical role in 270 

evaluating treatment effects on cellular behavior. 271 

The following sections delve into the application of AFM force spectroscopy for probing 272 

interactions between individual ligands and receptors, both in reconstituted systems and 273 

directly on living cells. This exploration includes how AFM has been utilized to study virus-host 274 

interactions, providing valuable insights into viral infectivity and receptor recognition. 275 

Additionally, probing cell surface receptors using AFM can be linked to physiological responses 276 

in living cells, offering a deeper understanding of the functional consequences of these 277 

molecular interactions. 278 

AFM as a sensor to probe receptor-ligand interactions 279 

In terms of quantitative measurements, AFM-based single-molecule force spectroscopy 280 

(SMFS) has shown that the rupture forces of biomolecular complexes, such as antibody-antigen 281 

(Hinterdorfer, Baumgartner et al. 1996) interactions or DNA strand separations (Lee, Chrisey et 282 

al. 1994), typically range from 20-150 pN, depending on the sample and experimental 283 

conditions (Allen, Chen et al. 1997). The streptavidin-biotin bond, previously considered to be 284 

the strongest receptor-ligand interaction, exhibits break forces of approximately 200 pN 285 

(Merkel, Nassoy et al. 1999). However, recent research has shown that staphylococcal adhesins 286 



 13 

can bind their ligands with forces approaching ~2000 pN, a force range comparable to that 287 

required to break covalent bonds (Herman, El-Kirat-Chatel et al. 2014). This finding highlights 288 

the evolutionary adaptations of bacterial pathogens that enable robust attachment to protein-289 

coated biomaterials and host cells. 290 

Moreover, the use of biochemical probes, combined with technological advancements 291 

in AFM force-mapping, now allows for the localization of specific binding sites with remarkable 292 

precision, achieving resolutions of 1 nm or better. For instance, AFM with Ni²⁺-NTA 293 

functionalized tips has successfully imaged proteins and located interaction sites, such as 294 

histidine tags, on various biomolecules, including spindle assembly abnormal protein 6 295 

homologue (SAS-6) (Pfreundschuh, Alsteens et al. 2014). Such strategies have facilitated the 296 

collection of multiparametric images that characterize the structure, adhesion, and elasticity 297 

of E. coli infected by his-tagged bacteriophages (Alsteens, Trabelsi et al. 2013), revealing viral 298 

assembly machinery within soft nanodomains. By applying a sinusoidal motion to the AFM tip, 299 

the ligand-receptor bond is ruptured at various loading rates, providing data to reconstruct the 300 

free-energy landscape. This approach was first used on the protease-activated receptor 1 301 

(PAR1), a GPCR involved in coagulation and inflammation (Alsteens, Pfreundschuh et al. 2015). 302 

Thrombin cleaves PAR1’s N-terminal, exposing the tethered thrombin receptor-activating 303 

peptide (TRAP), which activates the receptor. Tethering the SFLLRN sequence to the cantilever 304 

tip enabled to mimic TRAP activation, allowing to extract the specific interaction with PAR1. 305 

The bond rupture forces ranged from 40-150 pN, with a dissociation constant (Kd) of ~350 nM, 306 

in agreement with functional assays. Changes in ligand sequence, such as SFLLAN and SALLRN, 307 

significantly reduced binding affinity, highlighting key amino acids for high-affinity interactions. 308 

Building on these advances, the multiplex capabilities of FD-based AFM were applied to 309 

investigate the dynamic binding of glucagon to the glucagon receptor (GCGR), a class B GPCR. 310 

While static structural methods like X-ray crystallography and cryo-EM have provided valuable 311 

snapshots of GCGR in its inactive and active states, they fall short in capturing the dynamic 312 

conformational changes that occur during receptor activation. FD-based AFM filled this gap, 313 

revealing new details about the stepwise "dock and lock" mechanism of GCGR activation. In 314 

this mechanism, glucagon initially binds to the extracellular domain (ECD) of the receptor, 315 

triggering a conformational transition that eventually stabilizes further interactions with the 316 

transmembrane domain (TMD), leading to full activation of the receptor. By analyzing receptor 317 
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height and stiffness during ligand binding, FD-based AFM provided direct evidence of these 318 

conformational transitions. The experiments showed two distinct receptor populations 319 

corresponding to inactive and active GCGR states, with glucagon binding driving the transition 320 

to the active form. Interestingly, the stepwise nature of this process was reflected in the time-321 

resolved AFM mapping, which revealed progressive stiffening of the receptor-ligand complex 322 

over time. This stiffening is thought to result from mechanical coupling between the ECD and 323 

TMD, facilitating structural rearrangements necessary for G-protein recruitment and 324 

intracellular signaling. These findings highlight the importance of mechanical forces in GPCR 325 

signal transduction, providing novel insights into how biochemical ligand binding translates into 326 

mechanical changes that drive receptor activation.  327 

 328 

Figure 4. Dynamic binding of glucagon to the glucagon receptor (GCGR) investigated using force-distance 329 
(FD)-based AFM. (A) Schematic of the AFM tip functionalization with glucagon, covalently immobilized via a C-330 
terminal cysteine using a heterobifunctional linker. (B) Topographical overview of apo-GCGRs before (top) and 331 
after (bottom) 30 minutes of incubation with glucagon. Zoomed topographs and cross-sections of GCGRs 332 
extracted from black (inactive) and red (active) circles show a clear increase in receptor height upon glucagon 333 
binding. (C) Height distribution of glucagon-GCGR complexes acquired in situ with glucagon-functionalized AFM 334 
tips, highlighting the transition between inactive and active receptor states. (D) Representative force-distance 335 
curves showing specific binding, non-specific interactions, and no adhesion events. (E) Force vs. loading rate plots 336 
for glucagon-GCGR interactions (n = 832), with Friddle-Noy-De Yoreo fits (dashed lines) reconstructing the ligand-337 
receptor binding free energy landscape for the two distinct binding states. These data reveal stepwise receptor 338 
activation and the role of mechanical forces in GCGR signaling. Adapeted from (Lo Giudice, Zhang et al. 2020). 339 

While FD-based AFM has been instrumental in revealing the mechanical underpinnings of GPCR 340 

activation, its utility extends beyond membrane receptors to intracellular processes, such as 341 
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DNA-protein interactions. SMFS has proven highly effective in probing the dynamic assembly 342 

of transposon complexes at the single-molecule level by measuring the binding strength 343 

(rupture force) between wild-type TnpA, as well as its hyperactive mutants TnpA3X and 344 

TnpAS911R, and DNA substrates (Fernandez, Shkumatov et al. 2023). This approach allowed 345 

for the detailed characterization of the kinetics and thermodynamics governing the transition 346 

from the single-end complex (SEC) to the paired-end complex (PEC), providing quantitative 347 

insights into conformational changes that were previously inaccessible via conventional 348 

biochemical methods. The ability of AFM to resolve such dynamic molecular events 349 

complements its application in receptor studies, illustrating its broader potential to illuminate 350 

complex intracellular mechanisms. 351 

AFM as a sensor to probe interactions on mammalian cells 352 

The exploration of mammalian cells under physiologically relevant conditions has also 353 

accelerated. Researchers have utilized AFM tips functionalized with various probes to study 354 

cellular nano-organization and adhesion phenomena. For example, the investigation of 355 

glycosylphosphatidylinositol (GPI) domains in neurons has provided insights into cellular 356 

stiffness (Roduit, van der Goot et al. 2008). In this study, AFM in force-volume imaging mode, 357 

combined with tips coated with a GPI-anchor protein-specific binding bacterial toxin aerolysin 358 

from Aeromonas hydrophila, was used to explore living cell surfaces. When the aerolysin 359 

molecules interacted with proteins in the membrane, the cantilever exhibited binding-360 

unbinding events, indicative of the presence of GPI domains. By analyzing the force-distance 361 

curves and fitting the indentation data to the Hertz model, the local mechanical properties of 362 

these domains were measured. These measurements revealed that GPI domains are 363 

approximately 30% stiffer than surrounding regions of the membrane, and the domain size was 364 

estimated to be less than 70 nm. The stiffness of these domains was shown to depend on 365 

cholesterol, as treatment with methyl-b-cyclodextrin (MbCD), which depletes cholesterol, 366 

reduced the stiffness of GPI domains to match that of the surrounding membrane, further 367 

confirming the method's accuracy. Additionally, control experiments with mutant aerolysin and 368 

specific antibodies confirmed the specificity of these interactions. This work highlights the 369 

capability of AFM not only to probe the mechanical properties of cell membranes but also to 370 

study the biophysical behaviors of membrane microdomains in living cells, opening new 371 

avenues for understanding membrane-associated processes, including cell signaling and 372 
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adhesion mechanisms. Furthermore, this approach offers a valuable tool for studying 373 

membrane-related dynamics in various physiological and pathological contexts, such as cancer 374 

or neurodegenerative diseases. 375 

Recent developments have enabled to address the study at high-resolution of the 376 

localization of specific lipids within membranes through the development of functionalized 377 

AFM probes. For instance, AFM tips functionalized with toxin fragments (θ-D4 and Lysenin 378 

derivatives) were developed to specifically target cholesterol (Chol) and sphingomyelin (SM) 379 

domains within DOPC lipid bilayers (Dumitru, Conrard et al. 2018). This force-distance curve-380 

based AFM technique allowed for direct and label-free identification of lipid-enriched domains, 381 

demonstrating the preferential localization of specific lipids. Combination with mechanical 382 

mapping provided additional evidence of lateral heterogeneities in lipid membranes, 383 

highlighting variations in Young’s modulus. This technique was then applied to breast cancer 384 

cells to investigate the role of cholesterol in membrane mechanics during cancer progression 385 

(Dumitru, Mohammed et al. 2020). θ-toxin derivatized AFM tips were used to study the 386 

plasma membrane cholesterol distribution in three MCF10 cell lines representing different 387 

stages of breast cancer progression: MCF10A (benign), MCF10AT (premalignant), and 388 

MCF10CA1a (malignant). Mechanical analysis revealed a significant softening of cells with 389 

increasing malignancy, accompanied by a stiffening of the plasma membrane, which was 390 

attributed to an increase in cholesterol content at the external leaflet of the membrane. This 391 

study provided the first in situ, label-free quantification of cholesterol's contribution to 392 

membrane stiffness on living cells, demonstrating how cholesterol enrichment enhances These 393 

findings open new avenues for therapeutic strategies targeting cholesterol metabolism in 394 

cancer treatment. 395 
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 396 

Figure 5. Probing cholesterol-enriched domains in breast cancer cells using FD-AFM with θ -toxin 397 
functionalized tips. (A) Schematic of AFM tip functionalization with the θ-toxin via a sortase A-mediated reaction. 398 
(B) θ-toxin functionalized AFM tip probing plasma membrane cholesterol. Specific unbinding events (F > 100 pN) 399 
indicate cholesterol-enriched domains, while areas lacking cholesterol show minimal adhesion (F < 30 pN). (C-F) 400 
Co-cultured MCF10A (benign, GFP-labeled) and MCF10CA1a (malignant, unlabeled) cells. (D) FD-AFM height 401 
image, (E) adhesion map showing higher cholesterol in MCF10CA1a, and (F) Young’s modulus map showing higher 402 
stiffness in MCF10A. Adapted from (Dumitru, Mohammed et al. 2020) 403 

 404 

AFM as a sensor to probe virus-host interactions 405 

AFM has proven to be a powerful tool for studying virus-host interactions at the 406 

molecular level. Over twenty years ago, AFM force spectroscopy revolutionized the 407 

investigation of ligand-receptor bonds, opening new possibilities for probing virus binding to 408 

cell membranes. In this context, AFM has been employed to study the interaction of vesicular 409 

stomatitis virus (VSV) with membranes of varying phospholipid compositions, providing key 410 

insights into viral attachment mechanisms. In an early study, VSV was non-specifically adsorbed 411 

onto an AFM tip, and its interactions with membranes composed of phosphatidylcholine and 412 

phosphatidylserine (PC-PS, 3:1), phosphatidylcholine alone (PC), and phosphatidylcholine with 413 

cardiolipin (PC-CL, 3:1) were assessed (Carneiro, Bianconi et al. 2002). AFM approach-414 

retraction cycles revealed strong adhesion forces between VSV and both PC-PS and PC-CL 415 

membranes, averaging 690 pN and 1,500 pN, respectively, suggesting that negatively charged 416 

phospholipids facilitate viral attachment. In contrast, little to no interaction was observed 417 

between VSV and PC-only membranes, underscoring the crucial role of membrane composition 418 
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in viral binding. A few years later, the same team of researchers revealed a high specificity of 419 

the G protein for membranes containing PS (Carneiro, Lapido-Loureiro et al. 2006).  These 420 

findings highlight AFM’s versatility in directly measuring virus-membrane interactions, paving 421 

the way for a deeper understanding of viral attachment specificity at the nanoscale. 422 

Building on advancements of advanced functionalization protocols, covalent 423 

attachment of individual viruses to AFM tips through chemical linkers enabled more precise 424 

and reliable probing of virus-receptor interactions. This approach allows for the controlled 425 

study of viral binding dynamics, not only with purified receptors but also directly on the surface 426 

of living mammalian cells. For example, human rhinovirus (HRV) was immobilized on an AFM 427 

cantilever via a flexible polyethylene glycol linker, and its interaction with LDL receptors was 428 

analyzed (Rankl, Kienberger et al. 2008). By measuring the unbinding forces between the virus 429 

and receptor molecules, Rankl et al.  could quantify receptor-virus binding events and estimate 430 

binding kinetic rates. The real-time nature of these single-molecule experiments allows for 431 

dynamic observation of molecular interactions, capturing rare events that are often missed by 432 

conventional ensemble techniques. These methods revealed that virus binding is dependent 433 

on multiple receptor interactions, and the distribution of rupture forces followed a multimodal 434 

pattern, indicating the involvement of several receptors in virus attachment. Additionally, 435 

binding kinetic on- and off-rates were determined, providing valuable insights into the virus-436 

receptor binding kinetics that underpin viral entry mechanisms. This innovative use of AFM has 437 

expanded our understanding of the early stages of viral infection and the molecular forces 438 

driving virus attachment to host cells. 439 

The next key development in studying virus-cell interactions involved combining AFM 440 

with confocal microscopy and an environmental chamber to maintain mammalian cells in 441 

physiological conditions for long-term experiments, by controlling temperature, relative 442 

humidity and gas composition (Alsteens, Newton et al. 2016) (Figure 6A). This system 443 

integrates the high-resolution capabilities of scanning probe microscopy with the broad 444 

imaging advantages of light microscopy, offering a powerful method for investigating dynamic 445 

virus-receptor interactions. Through a process called force mapping, AFM tip measurements 446 

are taken at multiple points on the cell surface, generating high-resolution spatial adhesion 447 

maps. These maps translate the thermodynamic properties of virus-receptor interactions into 448 

detailed images, enabling the observation of the mechanics of viral entry. 449 
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Rabies viruses pseudotyped with EnvA proteins, covalently attached to the AFM tip, were 450 

probed towards MDCK cells expressing the TVA receptor fused to fluorescent proteins (Figure 451 

6B-E). The combined AFM and confocal microscopy approach allowed detection of precise 452 

EnvA–TVA contacts in real time, revealing that the virus rapidly forms multiple binding 453 

interactions after initial contact (Figure 6B), suggesting a cooperative binding mechanism. This 454 

technique provides not only a deeper understanding of virus entry mechanisms but also 455 

enables quantitative analysis of viral binding kinetics directly on living cells. It also opens new 456 

possibilities for studying how receptor clustering and lateral organization impact virus binding 457 

and how multivalency multiple simultaneous receptor-virus interactions—plays a role in viral 458 

attachment stability. In this context, the role of multivalent binding during the early attachment 459 

phase of herpesvirus was investigated (Delguste, Zeippen et al. 2018). While multiple parallel 460 

interactions would allow strong virus attachment, fewer bonds could be favored to enable 461 

lateral diffusion towards specific receptors and facilitate the efficient release of progeny 462 

virions. However, the molecular mechanisms governing the regulation of multivalency in virus 463 

attachment remain poorly understood. Using AFM, multivalent attachment of a single 464 

herpesvirus was probed at the single-virion level, providing the first direct evidence of how a 465 

herpesvirus surface glycoprotein acts as a negative regulator in the initial binding step. The 466 

experiments demonstrated that gp150, a herpesvirus glycoprotein, limits the number of 467 

interactions with cell surface glycosaminoglycans, regulating both virus attachment and 468 

release. This mechanism highlights the balance between attachment strength and mobility, 469 

where too many bonds could impede viral entry by spatially confining the virus, while fewer 470 

bonds enable dynamic movement across the cell surface.  471 
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 472 

Figure 6. Integration of AFM with confocal microscopy for studying virus-cell interactions under physiological 473 
conditions. (A) Schematic of the experimental setup combining AFM with optical microscopy in a temperature- 474 
and gas-controlled environmental chamber. (B) Force-time curves recorded during the interaction between rabies 475 
viruses pseudotyped with EnvA proteins (attached to the AFM tip) and MDCK cells expressing TVA receptors. The 476 
graph highlights multiple rupture events (blue, green, and red), indicative of cooperative virus-receptor binding 477 
interactions. (C) Imaging of mixed cultures of wild-type MDCK cells and MDCK–TVA cells expressing fluorescent 478 
proteins (red). (D) FD-based AFM height image of cells in the dashed region shown in panel C, displaying the 479 
surface topography of the cells. (E) Corresponding adhesion map, generated through force mapping, showing the 480 
spatial distribution of virus-cell binding events. Adapted from (Alsteens, Newton et al. 2016) 481 

Initial interactions of viruses with surface glycans can, on the opposite, activate binding 482 

to entry receptors. For example, the binding steps of reovirus were explored using AFM, 483 

revealing that the interaction of its σ 1 protein with sialic acids (α -SA) induces a 484 

conformational shift toward an extended form, increasing avidity for the junctional adhesion 485 

molecule A (JAM-A) receptor(Koehler, Aravamudhan et al. 2019). Through single-virus force 486 

spectroscopy, the binding strengths of reovirus to both α-SA and JAM-A were quantified, and 487 

the kinetic parameters characterizing these interactions were extracted. AFM experiments 488 

conducted on both model surfaces and living cells showed that reovirus binding favors 489 

multivalent interactions, specifically three parallel interactions with α-SA and two to three 490 

with JAM-A. This suggests that each receptor-binding domain within the trimeric structure of 491 

σ 1 independently engages with α -SA and JAM-A receptors, enhancing binding avidity 492 

through multivalency. While the affinity for single protein-glycan interactions, such as those 493 

between σ1 and α-SA, is relatively low (in the millimolar range), the overall avidity increases 494 
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significantly to nanomolar levels due to the cumulative effect of multiple bonds. Evidence of 495 

cooperativity between the reovirus attachment factor α-SA and the specific entry receptor 496 

JAM-A was also found. It was observed that the binding of the σ1 tail to α-SA enhances the 497 

subsequent binding of the σ1 head to JAM-A, suggesting a conformational change triggered 498 

by the initial glycan interaction. This mechanism illustrates how surface glycans mediate viral 499 

targeting and offers potential strategies to manipulate reovirus infectivity for therapeutic 500 

purposes, such as vaccine design and oncolytic virus development (Mohammed, Koehler et al. 501 

2021). 502 

With these advancements, atomic force microscopy (AFM) has significantly enhanced our 503 

understanding of viral entry mechanisms and provided invaluable insights into the binding 504 

stages of various viruses. For instance, shortly after the emergence of the COVID-19 pandemic, 505 

AFM demonstrated how the spike glycoprotein of SARS-CoV-2 binds to the ACE2 receptor 506 

(Yang, Petitjean et al. 2020), facilitating the identification of potential inhibitor peptides and 507 

molecules that target the virus's early attachment stages (Yang, Petitjean et al. 2020, Petitjean, 508 

Chen et al. 2022, Petitjean, Lecocq et al. 2022). Additionally, investigations into SARS-CoV-2 509 

variants have yielded critical insights into the molecular basis of increased infectivity linked to 510 

mutations in the receptor-binding domain, as well as the involvement of other co-receptors 511 

and attachment factors (Koehler, Ray et al. 2021, Ray, Minh Tran et al. 2024). Studies on 512 

reovirus have highlighted the cooperative interactions between viral attachment proteins and 513 

cell receptors, particularly the role of β1 integrins in mediating virus internalization(Koehler, 514 

Petitjean et al. 2021). Research on the Ebola virus has identified TIM-1 and DC-SIGNR as high-515 

affinity receptors for viral binding, underscoring the complexity of the binding process (Zhang, 516 

Yang et al. 2022). Collectively, these studies illustrate the broad applicability of AFM in 517 

elucidating the intricate dynamics of virus-cell interactions, paving the way for innovative 518 

antiviral strategies. 519 

AFM as a sensor to study intracellular signalling 520 

Although AFM is primarily recognized as a surface technique due to its reliance on a physical 521 

probe, it is also effective for investigating biological processes occurring within cells. Cells 522 

continuously sense and respond to alterations in their surrounding environment, adapting to a 523 

variety of biochemical and mechanical stimuli that can modify their state. In a groundbreaking 524 
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study, the application of mechanical stimuli via an AFM cantilever on osteoblasts was shown to 525 

induce an intracellular calcium response, which is transmissible to neighboring cells. These 526 

neighboring cells possess connexins and functional gap junctions, enabling efficient 527 

intercellular communication (Charras and Horton 2002). In the field of immunology, AFM has 528 

been used to unravel the mechanisms by which human peroxiredoxin 5 (PRDX5) acts as a 529 

damage-associated molecular pattern (DAMP) (Knoops, Becker et al. 2018). AFM experiments 530 

revealed specific binding interactions between PRDX5 and TLR4 and evidence on living 531 

macrophage-differentiated THP-1 cells that PRDX5 binding induces a rapid mechano-response, 532 

leading to increased cellular stiffness (Figure 7A-D). This finding is particularly relevant for 533 

understanding the mechanisms of inflammation-related stiffness in vascular diseases (Knoops, 534 

Becker et al. 2018). Additionally, AFM has proven invaluable in elucidating the dynamics of 535 

nanoscale plasma membrane deformation, which recruits BAR domain proteins and actin 536 

structures. it was demonstrated that a distinct subset of BAR domain proteins is recruited to 537 

each plasma membrane deformation size, with their affinity for specific curvature radii. To 538 

capture the dynamics of CDC42 and local actin polymerization upon acute membrane 539 

deformation—occurring within 10 minutes—AFM experiments were conducted on live cells 540 

using a combination of FluidFM and confocal microscopy. Fluorescent 500-nm particles were 541 

captured at the tip of the FluidFM probe and pulled toward the apical plasma membrane of 542 

cells coexpressing LifeAct-mCherry and various GFP-tagged CDC42 constructs. Upon the 543 

transient expression of wild-type CDC42, a peak of actin polymerization was observed within 2 544 

minutes following the induction of deformation, followed by a gradual decrease in the signal 545 

(Ledoux, Zanin et al. 2023). Similarly, AFM coupled to FluidFM and confocal microscopy has 546 

been used to investigate virus endocytosis, particularly in elucidating the role of β1 integrin in 547 

clathrin recruitment (Koehler, Petitjean et al. 2021). The study demonstrated a direct 548 

interaction between reovirus and β1 integrin, providing insights into how this interaction 549 

triggers clathrin-mediated endocytosis (Figure 7E-G). Using FluidFM, nanoparticles (NPs) 550 

functionalized with fluorescently labeled reovirus particles (T3SA+) were positioned onto the 551 

surface of living CHO cells expressing JAM-A and clathrin tagged with blue-fluorescent protein 552 

(BFP). By precisely controlling the contact force between the virus-bound NPs and the cell 553 

membrane, the researchers observed a rapid increase in BFP signal, indicating clathrin 554 

recruitment to the plasma membrane within 50 seconds after contact. This process was 555 

dependent on the binding of β1 integrin, as blocking integrin interaction with cRGD or KGE 556 
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peptides, or manipulating viral proteins via Neu5Ac-induced changes, abolished clathrin 557 

recruitment (Figure 7G). This real-time observation of clathrin dynamics using FluidFM allowed 558 

to pinpoint that β1 integrin binding is crucial for the activation of the clathrin-mediated uptake 559 

pathway. Notably, reovirus particles that poorly interacted with β1 integrin did not show 560 

clathrin recruitment, underscoring the specificity of this interaction in promoting endocytosis. 561 

Thus, the combination of AFM with FluidFM, optical microscopy and mechanics approaches 562 

introduces new capabilities to AFM, enabling the tracking of intracellular processes in real-time 563 

with high spatial and temporal resolution, thereby expanding its potential to study dynamic 564 

interactions during virus entry and other complex cellular mechanisms. 565 

 566 

Figure 7. AFM as a sensor to study intracellular signaling and virus endocytosis. (A-D) PRDX5-TLR4 interaction 567 
studied using FD-based AFM on living THP-1 cells. (A) Schematic of AFM setup with PRDX5-functionalized tip 568 
probing cells under physiological conditions. (B) Phase image of THP-1 cells with AFM tip above (shadow visible). 569 
Inset: Height image in dashed square. (C) Adhesion channel image showing PRDX5-TLR4 binding. (D) Force vs 570 
piezo-distance curve with stiffness extracted from the contact region, showing time-dependent stiffness increase 571 
due to PRDX5 binding. (E-G) Reovirus early-endocytosis visualized with FluidFM and confocal microscopy. (E) 572 
Fluorescent T3SA+ reovirus nanoparticles trapped by FluidFM probe and brought into contact with clathrin-BFP 573 
CHO-JAM-A cells. (F) Time-lapse images showing clathrin (green) recruitment to reovirus (red) contact site. (G) 574 
Clathrin recruitment over time, inhibited by integrin blockers (black, red) or Neu5Ac, but present without blockers 575 
(green).Adapted from (Knoops, Becker et al. 2018) (Koehler, Petitjean et al. 2021). 576 

 577 

The combined fluorescence-nanoscopic approach utilized in this study promises to further 578 

elucidate the roles of various ligands in immune receptor activation and may aid in developing 579 
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novel anti-inflammatory drugs by quantifying the effects of molecules that modulate receptor 580 

activation. 581 

Concluding remarks and perspective 582 

AFM has made significant strides in the study of receptor-ligand interactions and 583 

intracellular processes at the single-molecule level. Its ability to provide high-resolution 584 

imaging, force measurements, and real-time tracking under near-physiological conditions has 585 

proven invaluable in advancing our understanding of complex biological systems. From 586 

studying virus-host interactions to probing intracellular signaling pathways, AFM has expanded 587 

the frontiers of nanobiophysics. The combination of AFM with advanced techniques like 588 

FluidFM and confocal microscopy has introduced new capabilities, allowing researchers to 589 

visualize dynamic processes such as viral endocytosis, protein recruitment, and actin 590 

polymerization with unprecedented spatial and temporal precision. These innovations have 591 

positioned AFM as a versatile tool capable of addressing questions that extend beyond surface 592 

interactions, offering insights into cellular and molecular mechanisms critical for health and 593 

disease. Looking ahead, continued improvements in AFM technology, such as integrating 594 

additional optical and mechanical methodologies, will further enhance its application scope. 595 

This will enable even deeper exploration of cellular mechanics, membrane receptor functions, 596 

and virus-cell interactions. The future of AFM promises not only to refine our understanding of 597 

fundamental biological processes but also to contribute to the development of therapeutic 598 

strategies targeting molecular mechanisms involved in disease progression and immune 599 

responses. 600 
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